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Abstract 

The ease of use and versatile properties of plastics have turned them from the novelty product they 

were 80 years ago to one of the most non-replaceable families of materials of our time, with 

predictions for increased demand in the following years despite recent bans. In 2019 alone, 640 Mt 

of plastics were used. Various types of plastics have been developed, from simple polyolefin, such as 

polyethylene (PE) and polypropylene (PP) to more complex, such as polystyrene (PS) and 

polyethylene terephthalate (PET). Traditional fossil-based plastics account for 8% of the global 

petroleum production. The demand for single use plastic materials, mostly used for packaging, 

understandably contributes to the production of vast amounts of plastic waste. In 2020, 29.5 Mt of 

plastic waste was generated in the EU alone. Worldwide, 22% of the plastic waste is mismanaged, 

ending up in landfills or being discarded, and eventually ending up in the environment, especially the 

seas. Mismanaged plastic land originating waste corresponds to 80% of the plastic waste entering 

the marine environment. 

There exist disagreements between the estimated amounts of plastic in the seas. Model outputs are 

significantly lower than calculations based on waste production and management statistics. That 

could be attributed either to a combination of model underestimations and plastic waste input 

overestimations, or to the fact that during their residence in the marine environments interact with 

it in ways that result in “obscuring” it. For instance, owing to their inherent density, or due to the 

attachment of biological factors (biofouling), plastics can move vertically within the water column 

and float or settle to the benthos. The effect of the UV fraction of solar radiation, heat and 

microorganisms can lead to photodegradation, thermodegradation or biodegradation, while 

mechanical stress can result in the breakdown of plastics to smaller pieces (fragmentation). While 

plastic particles of smaller sizes enter the ocean directly (primary partilces), fragmentation results 

in the formation of secondary microplastics (<5mm) and nanoplastics (<1 μm). All plastics have 

negative impacts on the environment and the health of marine life, but microplastics and 

nanoplastics can enter more organisms and in more than one way and have more pronounced 

impacts on the health of the receiving biota.  

For that reason, it is important to understand the fate of plastics and microplastics in the marine 

environment, what are the processes that affect them and their interactions. The aim of this 

dissertation is to attempt to study these processes as they occur in the marine environment, so that 

their role and contribution to the fate of plastics can be better understood. That was achieved in a 

series of microcosm, mesocosm and field experiments. These allowed the study of the plastic 

polymers themselves, as well as their interactions with radiation and marine organisms, the 
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establishment of the baseline of the south-eastern Mediterranean plastic colonizing community and 

the examination of their effect on the polymers. The multiple scale of the experiments revealed 

whether it is possible to simulate the marine environment in the sea and extrapolate the results of 

smaller scale experiments in the actual environment.  

In the microcosm experiment, secondary low-density polyethylene (LDPE) and high-density 

polyethylene (HDPE) microplastics were incubated with two marine communities. One of the 

communities (Souda) was wild and the other (Agios) had previously been acclimatized to utilize 

plastics as a carbon source. Over the 120 days of the experiment, biofilm was formed on the surface 

of the microplastics of both treatments, revealing that both communities had the potential to survive 

with weathered plastics as the sole carbon source. Examination of the plastic particles with FTIR 

(Fourier-transform infrared spectroscopy) revealed chemical changes concurrent with 

biodegradation. Dynamic light scattering (DLS) allowed the observation of plastic particles with sizes 

between 56 nm and 4.5 μm and confirmed that biodeterioration and biofragmentation, prerequisite 

processes for biodegradation, occurred in the microcosms. 

Having established that prior acclimatization is not required for the utilization of plastics by 

microorganisms, polypropylene (PP) pellets with and without prior artificial weathering were 

incubated in mesocosms non-acclimated marine communities under semi-realistic environmental 

conditions for 180 days. Bacterial attachment and biofilm formation were observed in this 

experiment, as well. Surface changes, observed with ATR-FTIR (attenuation total reflectance Fourier-

transform infrared spectroscopy) revealed that also in that setup the polymer was altered as a result 

of solar radiation and the activity of microorganisms.  No microscopic particles could be detected 

during dynamic light scattering (DLS) examination. Measurements of zeta-potential and colloid 

particle hydrodynamic diameter contained in the seawater implied that any microplastic or 

nanoplastic particles produced were trapped in marine aggregates. Intriguingly, a phase shift could 

be observed between the mesocosm containing the virgin and artificially weathered pellets, in terms 

of number of viable cells, in accordance with the chemical alterations of the surface of the pellets. It 

was thus shown that while weathered polymer substrates are readily available for biodegradation, 

leading to the removal of the affected layer to reveal fresh virgin polymer, virgin polymers must first 

undergo weathering through abiotic processes to be able to act as carbon source for marine 

communities.  

The vertical movement of plastic particles in the water column was examined over a 300-day 

incubation period in the bay of Souda. 5 types of plastic films (PS, PET – denser / LDPE, HDPE, PP 

lighter than seawater), and 3 types of plastic pellets (LDPE, HDPE, PP), before and after weathering, 
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were examined. The accumulation of biofouling on the surface of the samples was studied. 

Simultaneously, their sinking velocity was determined, using a novel semi-theoretical methodology. 

The sinking velocity of the same plastics, after the biofouling had been removed allowed the 

establishment of the determining effect of biofouling on the sinking characteristics of the plastic 

samples. The removal of biofouling by two severe storm events allowed the examination of removal 

and reattachment of the biofouling agents and the better understanding of its effect on sinking and 

allowed the correlation of sinking velocity with the biofouling quantity. Density and sample form 

were found to play a role in the sinking behavior of the plastics, while weathering did not significantly 

affect the sinking fate of the pellets. Thus, semi-empirical mathematical expressions of sigmoid 

nature were proposed for the description of both the fouling development rate, as well as the changes 

in sinking velocity as it progressed. 

The same plastics used for the examination of their sinking characteristics were examined at four 

timepoints (35, 152, 202 and 242 days) for the fungal and bacterial community composition and 

succession via next generation sequencing, along with the chemical changes of their surface to 

investigate biodegradation. Bacterial communities were found to be more diverse and variable, 

dominated by Proteobacteria and Bacteroidetes. Fungal Ascomycota, which have been found to 

dominate epiplastic communities in the literature and potentially biodegrade plastics, dominated 

communities were more stable. Biodegradation was not actively confirmed in this work. The effect 

of one of the storm events which affected the samples for sinking behavior examination also affected 

the samples used for this chapter, allowing the determination of the effect of stochasticity on the 

plastisphere communities. Plastic type did not play a significant role towards the determination of 

the plastisphere community, in contrast with the stage of biofilm development along with the 

stochastic effect of the storm-induced biofouling removal. 

In conclusion, it was determined that microcosms and mesocosms are effective tools of studying 

plastic biodegradation, since their small volume and high concentrations allow the examination of 

parameters which the infinite dilution of the sea would deem impossible. The cyclical pattern of 

weathering and de-weathering by microorganisms was confirmed in all three scales employed here. 

The unreliable nature of weight measurements as a biodegradation metric was demonstrated, unless 

thorough sample pre-treatment has preceded. The determining effect of biofouling on the sinking 

behavior of samples of various sizes and densities was shown, which until now, had only been 

speculated. The south-easter Mediterranean plastisphere, and much more so the fungal side of it, was 

studied for the first time, implying that further and deeper study is needed, since plastic biodegrading 

taxa were observed. However, since biodegradation could not be proven in the field scale experiment, 
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it is natural to assume that plastic biodegradation in the marine environment is minimal. Finally, 

while the results from scale to scale are transferrable, the process of translating lab or mesocosm 

derived results must be realized with extreme caution. 
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Περίληψη 

Η πληθώρα χρήσεων και η ευκολία στη χρήση που προσφέρουν τα πλαστικά τα ανέδειξαν από τα 

καινοτόμα προϊόντα που ήταν πριν 80 χρόνια σε μια από τις αναντικατάστατες ομάδες υλικών της 

εποχής μας, με προβλέψεις για αύξηση της ζήτησής τους, παρά τις πρόσφατες απαγορεύσεις. Το 

2019 μόνο, χρησιμοποιήθηκαν 640 Mt πλαστικών. Διάφοροι τύποι πλαστικών έχουν εμφανιστεί, 

από τις απλές πολυολεφίνες, όπως το πολυαιθυλένιο (PE) και το πολυπροπυλένιο (ΡΡ) ως πιο 

πολύπλοκοι, όπως το πολυστυρένιο (PS) και το τερεφθαλικό πολυαιθυλένιο (ΡΕΤ). Τα παραδοσιακά 

πλαστικά που αποτελούν παράγωγα του πετρελαίου αποτελούν το 8% της παγκόσμιας παραγωγής 

πετρελαίου. Η απαίτηση για πλαστικά μιας χρήσης, που χρησιμοποιούνται κυρίως ως υλικά 

συσκευασίας, συντελούν στην παραγωγή τεράστιων ποσοτήτων πλαστικών αποβλήτων. Το 2020 

παράχθηκαν 29,5 Mt πλαστικών αποβλήτων στην ΕΕ μόνο. Παγκοσμίως, το 22% των πλαστικών 

αποβλήτων δεν χαίρει ορθής διαχείρισης και καταλήξει σε χωματερές ή απλώς απορρίπτεται και 

καταλήγει στο περιβάλλον, ειδικά στη θάλασσα. Κακώς διαχειρισμένα πλαστικά απορρίμματα με 

προέλευση από τη στεριά αντιστοιχεί στο 80% των πλαστικών αποβλήτων που καταλήγουν στο 

θαλάσσιο περιβάλλον.  

Διαφωνίες υπάρχουν για τις αναμενόμενες ποσότητες πλαστικών στις θάλασσες. Τα μοντέλα δίνουν 

σημαντικά χαμηλότερες τιμές από αυτές που υπολογίζονται στατιστικά, λαμβάνοντας υπόψιν την 

παραγωγή αποβλήτων και τη διαχείρισή τους. Αυτό θα ήταν δυνατό να αποδοθεί είτε σε ένα 

συνδυασμό υποεκτίμησης από πλευράς μοντέλων και υπερεκτίμησης των εισροών πλαστικών, είτε 

στο γεγονός ότι κατά την παραμονή τους στο περιβάλλον τα πλαστικά αλληλεπιδρούν με αυτό με 

τρόπους που καταλήγουν στο να «κρύβεται» μέρος τους. Για παράδειγμα, λόγω της πυκνότητάς 

τους, ή της επικάθισης βιολογικών παραγόντων, τα πλαστικά μπορούν να κινηθούν κατακόρυφα 

εντός της υδάτινης στήλης και να καταλήγουν να επιπλέουν ή να βυθίζονται. Η επίδραση του 

υπέρυθρου (UV) κλάσματος της ηλιακής ακτινοβολίας, της θερμότητας και των μικροοργανισμών 

μπορούν μα οδηγήσουν σε φωτο-, θερμο- ή βιοαποδόμηση, ενώ η μηχανική καταπόνηση μπορεί να 

καταλήξει στο θρυμματισμό σε μικρότερα κομμάτια. Μικρού μεγέθους πλαστικά σωματίδια 

μπορούν να εισέλθουν στους ωκεανούς ως έχουν παραχθεί (πρωτογενή), ωστόσο, ο θρυμματισμός 

συντελεί στο σχηματισμό δευτερογενών μικροπλαστικών, με μέγεθος μικρότερο των 5 mm, και 

νανοπλαστικών (<1 μm). Όλα τα πλαστικά έχουν αρνητικές επιπτώσεις για το περιβάλλον και την 

ανθρώπινη υγεία, αλλά τα μικροπλαστικά και νανοπλαστικά δύνανται να εισέλθουν στους 

οργανισμούς μέσω πολλών οδών και να έχουν πιο επιβαρυντικές επιδράσεις στους αποδέκτες 

οργανισμούς. 

Για το λόγο αυτό, είναι ιδιαιτέρως σημαντική η κατανόηση της τύχης των πλαστικών και 
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μικροπλαστικών στο θαλάσσιο περιβάλλον, των διεργασιών που τα επηρεάζουν και των 

αλληλεπιδράσεών τους. Ο σκοπός της παρούσας διατριβής είναι να επιχειρήσει να εξετάσει τις 

διεργασίες αυτές, καθώς προκύπτουν στο θαλάσσιο περιβάλλον, έτσι ώστε τόσο ο ρόλος, όσο και ο 

βαθμός συνεισφοράς τους στην τύχη των πλαστικών να κατανοηθεί καλύτερα. Αυτό έγινε δυνατό 

μέσα από μια σειρά πειραμάτων σε επίπεδο μικρόκοσμων, μεσόκοσμων και πεδίου. Έτσι 

επιτεύχθηκε η παρακολούθηση των πολυμερών, αλλά και των αλληλεπιδράσεών τους με την 

ακτινοβολία και τους θαλάσσιους οργανισμούς, καθώς και ο καθορισμός της βάσης της 

πλαστικόσφαιρας της  νοτιοανατολικής Μεσογείου, που εγκαθίσταται και επηρεάζει τα πλαστικά. 

Η κλιμακούμενη φύση των πειραμάτων επέτρεψε την εξέταση του κατά πόσο δύναται να 

προσομοιωθεί το θαλάσσιο περιβάλλον και να αναχθούν τα αποτελέσματα από μικρότερης 

κλίμακας πειράματα σε αυτό. 

Κατά το πείραμα μικρόκοσμων, δευτερογενή μικροπλαστικά από πολυαιθυλένιο χαμηλής (LDPE) 

και υψηλής πυκνότητας (HDPE) επωάστηκαν με δυο θαλάσσιες κοινότητες. Η μία ήταν άγρια 

(Souda) και η άλλη εγκλιματισμένη στη χρήση πλαστικών σαν αποκλειστική πηγή άνθρακα (Agios). 

Κατά τις 120 ημέρες του πειράματος, αναπτύχθηκε βιοφίλμ στην επιφάνεια των μικροπλαστικών 

υπό και τις δυο συνθήκες, αποκαλύπτοντας ότι και οι δυο κοινότητες διέθεταν την ικανότητα να 

επιβιώσουν με τα γηρασμένα πλαστικά σαν αποκλειστική πηγή άνθρακα. Εξέταση των πλαστικών 

σωματιδίων με FTIR (φασματοσκοπία μετασχηματισμού υπέρυθρου Fourier) έδειξε χημική φύσης 

αλλαγές που συνάδουν με τη βιοαποδόμηση. Ανάλυση δυναμικής σκέδασης φωτός (DLS) επέτρεψε 

την παρατήρηση πλαστικών σωματιδίων μεγέθους από 56 nm ως 4.5 μm και επιβεβαίωσε εντός των 

μικρόκοσμων τη βιοϋποβάθμιση και το βιοθρυμματισμό, διεργασίες προαπαιτούμενος για τη 

βιοαποδόμηση. 

Με αποδεδειγμένη τη μη απαίτηση προηγούμενου εγκλιματισμού για την εκμετάλλευση των 

πλαστικών από τους μικροοργανισμούς, σφαιρίδια πολυπροπυλενίου (PP) με και χωρίς πρότερη 

τεχνητή γήρανση επωάστηκαν σε μεσόκοσμους με μη εγκλιματισμένες θαλάσσιες κοινότητες υπό 

ημιρεαλιστικές περιβαλλοντικές συνθήκες για 180 ημέρες. Βακτηριακή επικόλληση και ανάπτυξη 

βιοφίλμ παρατηρήθηκαν και υπό αυτές τις συνθήκες. Αλλαγές στην επιφάνεια των σφαιριδίων που 

παρατηρήθηκαν με φασματοσκοπία μετασχηματισμού υπέρυθρου Fourier ολικής αποσβένουσας 

ανάκλασης (ATR-FTIR) αποκάλυψε ότι και υπό αυτές τις πειραματικές συνθήκες τα πολυμερή 

υφίσταντο μεταβολές λόγω της ηλιακής ακτινοβολίας και της δράσης των μικροοργανισμών. 

Μικροσκοπικά σωματίδια δεν ήταν δυνατό να εντοπιστούν κατά την ανάλυση με δυναμική σκέδαση 

φωτός (DLS). Μετρήσεις ζ-δυναμικού και της υδροδυναμικής διαμέτρου των κολλοϊδών σωματιδίων 

που περιέχονταν στο θαλασσινό νερό των μεσόκοσμων υπονόησαν ότι τα όποια μικροπλαστικά και 
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νανοπλαστικά παράχθηκαν κατά την επώαση εγκλωβίστηκαν σε θαλάσσια συσσωματώματα. 

Αξιοπεριέργως, παρατηρήθηκε διαφορά φάσης ανάμεσα στο μεσόκοσμο που περιείχε τα παρθένα 

κι εκείνον που περιείχε τα γηρασμένα σφαιρίδια. Δείχθηκε έτσι ότι ενώ τα γηρασμένα πολυμερικά 

υποστρώματα είναι άμεσα διαθέσιμα προς βιοαποδόμηση, ώστε να απομακρυνθεί το γηρασμένο 

στρώμα προς την αποκάλυψη εκ νέου παρθένου υλικού, τα παρθένα πολυμερή πρέπει πρώτα να 

γηρανθούν μέσω αβιοτικών διεργασιών προτού να είναι βιοδιαθέσιμα στις θαλάσσιες κοινότητες. 

Η κατακόρυφη κίνηση των πλαστικών σωματιδίων εντός της υδάτινης στήλης εξετάστηκε κατά την 

επώαση δειγμάτων για 300 ημέρες στον κόλπο της Σούδας. Μελετήθηκαν 5 τύποι πλαστικών φιλμ 

(PS, PET – πυκνότερα / LDPΕ, HDPE, PP – ελαφρύτερα από το θαλασσινό νερό), και 3 τύποι 

πλαστικών σφαιριδίων (LDPΕ, HDPE, PP), πριν και μετά από γήρανση. Εξετάστηκε η συσσώρευση 

βιοεπικαθίσεων στην επιφάνεια των δειγμάτων. Ταυτόχρονα, καθορίστηκε η ταχύτητα βύθισής 

τους χρησιμοποιώντας μια καινοτόμο ημιεμπειρική μεθοδολογία. Μελετήθηκε επίσης η ταχύτητα 

βύθισης των ίδιων δειγμάτων μετά από αφαίρεση των βιοεπικαθίσεων, ώστε να εξεταστεί η 

επίδρασή της στα πλευστικά χαρακτηριστικά των δειγμάτων. Η απομάκρυνση των βιοεπικαθίσεων 

από δυο ισχυρές καταιγίδες επέτρεψε την παρακολούθηση της απομάκρυνσης και της 

επανεπικάθισης των βιολογικών παραγόντων και την καλύτερη κατανόηση της επίδρασής της επί 

της βύθισης και της συσχέτισής της με την ταχύτητα βύθισης. Η πυκνότητα και το σχήμα των 

δειγμάτων επηρέασαν σημαντικά την συμπεριφορά βύθισης των πλαστικών, ενώ η γήρανση δεν 

έπαιξε καθοριστικό ρόλο στην τύχη βύθισης των σφαιριδίων. Κατά τον τρόπο αυτό καταρτίστηκαν 

ημι-εμπειρικές σιγμοειδείς μαθηματικές σχέση για την περιγραφή τόσο του ρυθμού ανάπτυξης των 

βιοεπικαθίσεων, όσο και της μεταβολής της ταχύτητας βύθισης. 

Τα ίδια δείγματα πλαστικών που χρησιμοποιήθηκαν για τα προηγούμενα χρησιμοποιήθηκαν για την 

ανάλυση της σύστασης και της διαδοχής της βακτηρίασής και μυκητιακής κοινότητας μέσω της 

αλληλούχισης νέας γενιάς (ΝGS), σε συνδυασμό με τις χημικές αλλαγές τις επιφάνειάς τους, 

προκειμένου να διαπιστωθεί τυχόν βιοαποδομητική δραστηριότητα. Οι βακτηριακές κοινότητες 

βρέθηκε να είναι πιο ποικιλόμορφες και μεταβαλλόμενες, με κυρίαρχες βαθμίδες τα Proteobacteria 

και τα Bacteroidetes. Τα Ascomycota, που και στη βιβλιογραφία απαντώνται συχνά και έχουν 

βιοαποδομητικές ικανότητες, ήταν κυρίαρχα στις μυκητιακές κοινότητες, που αποδείχθηκαν 

σταθερότερες. Η βιοαποδόμηση δεν επιβεβαιώθηκε σε αυτή την εργασία. Η επίδραση μιας από τις 

καταιγίδες που επηρέασαν και τα πλευστικά χαρακτηριστικά των δειγμάτων επηρέασε και τα 

δείγματα που εξετάστηκαν πριν τη συγγραφή του σχετικού με τις κοινότητες κεφαλαίου, 

επιτρέποντας την εξέταση της επίδρασης της τυχαιότητας και επί της δομής των μικροβιακών 

κοινοτήτων. Ο τύπος του πολυμερούς δεν έπαιξε σημαντικό ρόλο στον καθορισμό της 
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πλαστικόσφαιρας, σε αντίθεση με τη φάση ανάπτυξης του βιοφίλμ και της τυχαίας επίδρασης της 

απομάκρυνσης των βιοεπικαθίσεων από την καταιγίδα. 

Εν κατακλείδι, δείχθηκε ότι οι μικρόκοσμοι και οι μεσόκοσμοι αποτελούν αποτελεσματικά εργαλεία 

μελέτης της βιοαποδόμησης των πλαστικών, καθώς ο μικρός τους όγκος επιτρέπει την εμφάνιση 

συγκεντρώσεων αρκετά υψηλών για τη μελέτη παραμέτρων που υπό συνθήκες άπειρης αραίωσης 

στη θάλασσα δεν θα ήταν εντοπίσιμες. Τo κυκλικό μοτίβο γήρανσης και απογήρανσης από τους 

μικροοργανισμούς επιβεβαιώθηκε και στις τρεις πειραματικες κλίμακες που χρησιμοποιήθηκαν. 

Θίχθηκε η αβεβαιότητα που εισάγεται από τη μέτρηση του βάρους ως μέθοδος εκτίμησης της 

βιοαποδόμησης, απουσία πρότερης και ενδελεχούς προεπεξεργασίας των δειγμάτων. Δείχθηκε η 

καθοριστική επίδραση των βιοεπικαθίσεων στην πλευστική συμπεριφορά πλαστικών δειγμάτων 

διάφορων μεγεθών και πυκνοτήτων, η οποία μέχρι στιγμή είχε μόνο υποτεθεί. Η νοτιοανατολική 

μεσογειακή πλαστικόσφαιρα, και δη το μυκητιακό κλάσμα της, μελετήθηκε για πρώτη φορά, 

εντείνοντας την ανάγκη περεταίρω μελέτης, καθώς εντοπίσθηκαν πιθανοί αποδομητές των 

πλαστικών. Ωστόσο, η βιοαποδόμηση δεν ήταν δυνατό να δειχθεί αναμφίβολα κατά το πείραμα 

πεδίου. Είναι, επομένως, δυνατό να υποτεθεί ότι η βιοαποδόμηση στο θαλάσσιο περιβάλλον είναι 

ελάχιστη. Τέλος, τα αποτελέσματα από τη μια κλίμακα στην άλλη μπορούν να μεταφερθούν, πάντα 

όμως με πολλή επιφύλαξη. 
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The evolution of all life on earth is largely connected to the existence of natural polymers; 

polynucleotides, proteins, polysaccharides, to name just a few (Kulkarni et al., 2012). Polymerization 

is the process of bonding a large number of small identical molecules (monomers) in order to create 

large molecular chains (polymers). Instinctively, humans turned to their familiar pattern of repeating 

monomers when designing synthetic materials to fulfil their needs, and thus, a little more than a 

century ago, celluloid and bakelite, the first synthetic polymers, were invented.  

 

1.1. Plastics 

Plastics are high molecular weight polymers, with molecular chains of thousands or hundreds of 

thousands of repeating monomers (Edmondson and Gilbert, 2017). For instance, polyethylene is the 

polymerization product of methylene (-CH2-). Traditionally, plastics are fossil-based. It is estimated 

that 8% of the global petroleum production is directed towards the production of plastics (Thompson 

et al., 2010). Recently, the production of plastic from biomass (bioplastics or bio-based) was 

introduced, as a sustainable and greener alternative, but it is still in its infancy (García-Depraect et 

al., 2021a). 5.9 MT of biobased plastics were produced in 2021, corresponding to 1.5 % of the 390.7 

MT of oil-based plastic production (PlasticsEurope, 2022). The addition of compounds (additives) 

altering the properties of plastics is common practice, since pure polymers do not usually exhibit the 

behaviour expected by the users. Plasticizers, fillers, stabilizers, flame retardants and colorants are 

some of them (Coleman, 2017) and are estimated to make up 6% of the total plastics production 

(Streit-Bianchi et al., 2020).  

Plastics can be categorized in two large groups. Thermosetting plastics or thermosets, namely 

phenolic, epoxy and other resins, form permanent structures under the effect of heat or ultraviolet 

(UV) radiation. Thermoplastics, such as polyethylene (PE), polypropylene (PP) polystyrene (PS) and 

polyethylene terephthalate (PET), can be melted and shaped with the application of heat without loss 

of properties. (Myer Kutz, 2015).   

While in the early stages of their development the use of plastics was not widespread, material 

shortages during World War II and the following acclimatization of the public to their applications 

and convenience, resulted in the use of 460 MT in 2019. Future scenarios predict that the yearly 

plastic demand could increase within the range of 827 MT to 1231 MT by 2060 (OECD, 2022; Streit-

Bianchi et al., 2020).  

1.2. Types of plastic polymers 

The large number of plastic polymers available at the moment is utilized for every possible 
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application, from durable construction to short-lived packaging materials.  

 

1.2.1. Polyethylene (PE) 

PE is a long chain aliphatic hydrocarbon with three main molecular structures: low-density 

polyethylene (LDPE), linear low-density polyethylene (LLDPE) and high-density polyethylene 

(HDPE) (Figure 1.1). Polymerization of ethylene to produce PE can occur in one of the following five 

ways: High-pressure processes, Zieglere-Natta processes, the Phillips process, the Standard Oil 

(Indiana) process or the Metallocene processes. The properties of the resulting polymer can vary 

greatly, depending on the degree of branching, molecular mass distribution (MMD), the residual 

comonomers or impurities lingering in the polymer, the degree of compounding or crosslinking. PE 

is characterized by densities lower than that of water (900 – 960 kg m-3), durability, moderate tensile 

strength, good chemical and electrical resistance. It is opaque or semi-opaque, but it can be 

transparent when in the form of thin films. As a rule, the density of the polymer is used to express 

branching, and therefore the different structures (Ronca, 2017). At the same time, its density implies 

that it does not sink in water. In its three forms, PE represented 26.4 % of the annual plastic 

production in 2021 (OECD, 2022). 

 

 

Figure 1. 1: PE molecular structures (http://polymerdatabase.com). 

1.2.2. Polypropylene (PP) 

PP is a linear hydrocarbon polymer similar to PE. The polymeric chain of PP contains a methyl group 

attached to every second carbon of the backbone. Several bulk, slurry and gas phase technologies 
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have been developed for the polymerization of propene (or propylene) to produce PP, with all of 

them relying heavily on the selection of a metallocene or Zieglere-Natta catalyst. Depending on the 

spatial arrangement of the methyl groups, three stereoisomers of PP have been identified: isotactic 

PP (all the methyl groups on the same side of the polymeric backbone), syndiotactic PP (methyl 

groups on alternating sides of the polymeric backbone) and atactic PP (randomly arranged methyl 

groups). The arrangement of the methyl groups, along with polydispersity and nucleation, affects the 

properties, crystallinity, and applications of the polymer. Typically, the density of PP (550 – 943 kg 

m-3) is lower than that of PE. It possesses similar chemical resistance and electrical properties.  The 

tertiary carbon atoms in the backbone of PP, however, make the polymer susceptible to oxidation, 

leading to the degradation in lower molar mass compounds (Gahleitner and Paulik, 2017). Nowadays, 

PP is very widely used, especially for packaging, and in 2021 corresponded to 19.3 % of the total 

plastic production (OECD, 2022). 

 

 

Figure 1. 2: The stereoisomers of PP: (a) isotactic, (b) syndiotactic, (c) atactic (Ariff et al., 2012).  

 

1.2.3. Polyvinyl Chloride (PVC) 

PVC is the product of the polymerization of vinyl chloride. It is highly unstable without the addition 

of additives and stabilizers, and due to the presence of chlorine atoms in the polymeric chain, 

hazardous for the environment. It is mainly produced by solution polymerization processes and some 

syndiotacticity can observed, resulting in up to 10% crystallinity. Given the high number of potential 

additives and the fact that the polymerization method used can affect the final product, the properties 
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of PVC vary greatly, however its density is consistently higher than 1000 kg m-3 (Gilbert and Patrick, 

2017), and PVC sinks in water. PVC made up 12.9% of the annual plastic production in 2021 (OECD, 

2022).  

 

 

Figure 1. 3: The polymerization of vinyl chloride into PVC (adapted from https://www.chemtube3d.com/_pvcf). 

 

1.2.4. Polyethylene Terephthalate (PET) 

PET is produced by ethylene glycol and terephthalic acid in a three-step process: after the initial pre-

polymerization, a step-wise growth polycondensation (esterification or transesterification) and a 

solid-state polymerization follow. PET is stiff, thermally stable, unaffected by many chemicals, but it 

is prone to hydrolysis. It can be amorphous (transparent, density ~1290 - 1390 kg m-3) or semi-

crystalline (opaque, density ~1370-1400 kg m-3). Both structures sink in water (Nisticò, 2020). PET 

comprised 6.2 % of the global annual production of plastics in 2021 (OECD, 2022). 

 

 

Figure 1. 4: The synthesis of PET by terephthalic acid and ethylene glycol (Benyathiar et al., 2022). 

 

1.2.5. Polystyrene (PS)  

PS is an aromatic thermoplastic, the polymerization product of styrene (or ethenylbenzene, 
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vinylbenzene, phenylethane). Depending on the polymerization process it can be either hard and 

transparent in its pure form, or soft and white like a foam, if expanded (expanded polystyrene - EPS). 

PS is most commonly produced via mass, solution or suspension polymerization. It can be found in 

various stereo-regular forms with several crystallinities. Due to the aromatic benzene ring, PS can be 

involved in several chemical reactions, including chlorination, hydrogenation, nitration or 

sulfonation reactions, resulting in discoloration and chain rupture. The density of unmodified PS is 

1054 kg m-3, while EPS can be found with densities a low as 10 kg m-3, therefore, while the former 

sinks in water, the latter floats. It is characterized by excellent electrical and thermal insulation 

properties, transmits all visible light and has a high Refractive Index (1.592) (Satterthwaite, 2017). 

In 2021, PS accounted for 5.3 % of the global annual plastic production (OECD, 2022).  

 

 

Figure 1. 5: Styrene polymerization into PS (Satterthwaite, 2017). 

1.3. Plastic waste 

Worldwide, 49 % of the generated plastic waste ends up in landfills, 19 % is incinerated and only 9 

% is recycled (OECD, 2022). In the EU, 29.5 MT of plastic waste was collected in 2020. Mixed 

collection systems contributed 15 MT, while 14.5 MT originated from separate waste collection 

systems. A 44 % of the annual plastic production consisted of packaging materials, which are mainly 

characterized by their single use status. Packaging, along with electrical and electronic equipment 

(WEEE) and waste from container parks are commonly collected separately. For that reason, 

elevated recycling levels (65 % as opposed to 5%) were observed, instead of energy recovery (57 % 

as opposed to 27 %) or landfilling (38 % as opposed to 8 %).  More specifically, separate collection 

of packaging waste resulted in 80-fold higher recycling levels. Unfortunately, Greece is still behind in 

terms of plastic waste management, with landfilling as the main waste treatment (73 %) and 

recycling only 25 % of its plastic waste (PlasticsEurope, 2022).  

A staggering 22 % of the global plastic waste is mismanaged, with a predicted decrease of up to 15 % 

by 2060 (OECD, 2022). Less developed countries significantly contribute to the production of plastic 

waste, due to their limited potential for the application of proper collection and management 

schemes. Incredibly, twenty countries contributed 83 % of the total mismanaged plastic waste 
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(Jambeck et al., 2015).  

 

 

Figure 1. 6: Plastic use in 2019 and 2060 (projection) by polymer type and application (OECD, 2022). 

1.4. Fate of plastics in the marine environment  

1.4.1. Plastic marine debris (PMD) 

The total primary plastic production between 1950 and 2015 has been estimated to amount to 8300 

million metric tons. At the same time 6300 Mt of plastic waste has been generated, 4900 Mt of which 
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have been accumulated in landfills and the environment (Geyer et al., 2017a). Plastic waste 

originating from the land (open dumping sites, wind and riverine runoff) contributes up to 80 % of 

the marine plastic debris (Andrady, 2011; Geyer et al., 2017b; Jambeck et al., 2015; Koelmans et al., 

2014; Law, 2017). Sea based plastic pollution has been connected with the fishing and tourism 

sectors (18% of total PMD) and transport accidents and industrial runoffs (Andrady, 2011; 

Dabrowska et al., 2021). It is considered that 4.8 to 12.7 Mt of plastic waste was introduced in the 

oceans in 2010 (Jambeck et al., 2015), while the total amount of floating plastics ranges between 93 

Mt and 236 Mt (Van Sebille et al., 2015). Taking into account that these quantities could be 

underestimated by up to 4 or even 16 times, due to the sampling method applied (trawl surveys), 

0.4-4 Mt of floating plastic waste has been estimated to exist in the ocean (Lebreton et al., Wayman 

and Niemann, 2021). At the same time, the concentration of marine plastic waste is expected to keep 

accumulating, unless measures are taken to limit plastic use and disposal (Ellen MacArthur 

Foundation, 2017). Plastic waste has been detected in every environmental system, even in the most 

secluded areas, such as the Antarctica, the Mariana Trench or the top of mount Everest (Caruso et al., 

2022; Napper et al., 2020; Peng et al., 2020). It has been even proposed that plastics are a key factor 

in deciding the transition into a new geological era, the Anthropocene (Zalasiewicz et al., 2016). 

It is obvious that the gap between the estimated inputs of floating marine plastic waste and the plastic 

actually found in the marine environment is huge. Therefore, the question “where is all the plastic?” 

arises.  

 

1.4.2. Plastic marine debris estimations 

The combination of overestimated quantities of plastic entering the marine environment and 

underestimated quantities of floating plastic could in part explain the disparity between marine 

plastic inputs and model outputs. The amount of plastic entering the environment has not been 

adequately quantified. The estimations provided in the literature are based on statistical calculations 

of municipal waste production and official data of waste management, which may not always be 

accurate (Jambeck et al., 2015). At the same time, models focusing on marine plastic have been using 

field sampling results as inputs (Cózar et al., 2014; Eriksen et al., 2014; Van Sebille et al., 2015). These 

data originate from a limited number of surveys focusing on areas with expected extraordinarily high 

or low concentrations and do not reflect the values in-between (Lacerda et al., 2019; Sebille et al., 

2020). Additionally, they are of heterogeneous nature and often non-comparable since they are 

greatly affected by the sampling and analysis methods applied by the researchers (Anthony L. 

Andrady, 2017; Cózar et al., 2014; Law, 2017). It has been highlighted that the most widely used 
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sampling method, manta nets, cannot collect, and therefore, account for, the smaller fraction of 

micro- and nanoplastics (Gigault et al., 2016). Thus, a vast amount of floating plastic is ignored by the 

models, and the resulting underestimations occur. 

 

1.4.3. Removal of plastics from the marine environment 

The decrease of plastic concentrations in the marine environment can be attributed to numerous 

processes taking place throughout their residence time. Breakdown due to mechanical stress, 

washing up on shores and vertical movements within the water column are the most common 

mechanical processes. Abiotic degradation is the result of the ultraviolet (UV) fraction of the solar 

radiation (photodegradation) or the heat from the environment (thermodegradation), while 

biodegradation refers to the process of plastic deterioration and assimilation by living organisms 

(Andrady, 2011). 

 

1.4.3.1. Beaching of floating plastic 

Plastics can be transported horizontally by currents, winds and waves and finally washed up at 

beaches (Onink et al., 2021). The removal of plastics to the coastal environment would inevitably lead 

to lower detection levels in the sea and thus produce lower model outputs.  

 

1.4.3.2. Settling 

Benthic systems have been characterized as sinks for unaccounted for plastics (Koelmans et al., 

2017). Plastics are indeed the most ubiquitous type of waste found in the deep environments, 

comprising up to > 90 % of deep water debris (Takada, 2019). Polymers with densities higher than 

that of seawater (1.035 kg m-3), such as PVC, PS and PET are negatively buoyant, and therefore, 

expected to settle to the bottom. Numerous studies have been performed on the sinking behaviour 

of negatively buoyant plastic particles in water in an effort to discern the transport, and subsequently, 

the fate of these particles in the marine environment. Settling velocities in the range of 86 m day-1 to 

11 km day-1 have been estimated for seawater (Bagaev et al., 2017; Khatmullina and Chubarenko, 

2019; Khatmullina and Isachenko, 2017; Kowalski et al., 2016a). It has been demonstrated that 

factors such as the size, shape and irregularity of the sinking particles affect critical parameters, 

namely the Reynolds number (Re) and the drag coefficient (Cd), which in turn decide the settling 

velocity (Chubarenko et al., 2016; Khatmullina and Isachenko, 2017; Kowalski et al., 2016a). 

Traditional equations, such as these developed by Stokes (1850) and Dietrich (1982a) have been 

employed, while new equations, empirical and semi-empirical models have been developed 
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(Francalanci et al., 2021; Nguyen, 2021; Waldschläger and Schüttrumpf, 2019; Yu et al., 2022), to 

address the inadequate description of plastic particle sinking. 

Bottom trawling surveys have revealed that positively buoyant polymers, such as PE and PP, are 

unexpectedly present in benthic samples (Int-Veen et al., 2021; Kuroda et al., 2020; F. Zhang et al., 

2020). Simultaneously, positively buoyant plastics have been found suspended in the water column 

(Pabortsava and Lampitt, 2020). The residence of positively buoyant plastics in the marine 

environment allows their interaction with marine organisms which can lead to their subsequent 

removal in one of the following two ways: On the one hand, plastics can be ingested by aquatic life of 

all sizes directly or indirectly (Takada, 2019) and incorporated in faecal pellets (Cole et al., 2016) 

which sink to the deepest parts of the sea as part of the marine snow (Porter et al., 2018). On the 

other hand, colonization of plastic surfaces by marine biota has the potential to alter their density 

and hydrophobicity, and as a result their sinking velocity (Cózar et al., 2014; Lobelle and Cunliffe, 

2011a; Morét-Ferguson et al., 2010). The development of biofouling leads to increase (Kooi et al., 

2017b; Long et al., 2015; Mendrik et al., 2023) or decrease (Kaiser et al., 2017; Nguyen et al., 2020) 

of the sinking velocity, depending on the characteristics of the environment and the nature of the 

aggregates formed. 

The evidence that plastics settle to the lower layers of the ocean, regardless of their inherent density, 

is abundant. It has not yet been definitively decided, however, whether plastics reaching the benthos 

remain there, or whether some mechanisms, for instance bioturbation (Näkki et al., 2017) or bottom 

shear stress (Ballent et al., 2013), can reverse this process and allow the plastics to be resuspended 

in the water column (Andrady, 2011). The values of rising velocities of plastic particles in seawater 

have been estimated between 86 m day-1 to 3.7 km day-1 (Khatmullina and Chubarenko, 2019; Kooi 

et al., 2017b; Kukulka et al., 2012; Reisser et al., 2015). 

 

1.4.4. Abiotic Degradation 

The degradation of plastics into smaller fragments (microplastics, nanoplastics) which cannot be 

detected could provide another explanation for the mass balance not being achieved. Degradation is 

the result of the plastics’ interaction with environmental factors; solar radiation, heat, oxygen, water 

and mechanical stress (S. S. Ali et al., 2021; Andrady, 2011). While mechanical degradation does not 

result in changes to the molecular weight of the polymer, chemodegradation leads to alterations of 

the molecular weight (Lambert and Wagner, 2016). The length, composition of the polymeric chain, 

crystallinity and hydrophobicity determine the susceptibility of each polymer to chemodegradation, 

since longer chains, absence of heteroatoms in the polymeric backbone, higher crystallinity and 
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lower hydrophobicity account for increased resistance to degradation. The techniques employed for 

the production of polymers also affect degradability, since they can result in the presence of 

unsaturated chromophoric groups, potentially accelerating the initiation of photodegradation, or 

additives especially integrated in the structure of the polymer to delay degradation (S. S. Ali et al., 

2021). Degradation is initiated in the form of photodegradation, with thermo-oxidative degradation 

and hydrolysis following it (Andrady, 2011). The process of degradation is very slow. The half-lives 

of common plastics in the marine environment have been estimated in the range between 3.4 (PP) 

and 1200 years (HDPE). Acceleration of the degradation with UV or heat pre-treatment yielded 

results in the range 2.3 years (PET) and 530 years (HDPE) (Chamas et al., 2020).  

 

1.4.4.1. Photodegradation 

In oxygen rich environments, the interaction of plastic polymers with the UV fraction of the solar 

radiation leads to optical, namely yellowing due to the production of chiral optical active 

nanostructures (Elmer-Dixon et al., 2022), and mechanical alterations, such as loss of mechanical 

properties and embrittlement (Gewert et al., 2015b). The mechanism of photodegradation consists 

of three steps: initiation, propagation, and termination. For the initiation process, it is required that 

chromophores, i.e., unsaturated double bonds, are present in the polymeric chain, so that energy is 

absorbed from the radiation and free radicals are produced from the breakage of C-H bonds. No 

chromophores are present in the molecular structure of polymers with a C-C backbone, such as PE 

and PP, and they should be expected to remain unaffected by photodegradation. The presence of 

impurities or structural abnormalities, however, make the initiation of the photodegradation process 

possible even for these polymers. In the propagation step, the radicals produced during the initiation 

step react with oxygen to produce a peroxy radical (ROO•) and at the same time, further radical 

reactions occur, resulting in auto-oxidation. Thus, chain scission through the Norrish I and II 

reactions (Singh and Sharma, 2008) and crosslinking take place, increasing or decreasing the 

molecular weight, accordingly, and causing embrittlement and increase of the active surface of the 

polymer. Termination occurs when reactions between radicals lead to the production of olefins, 

aldehydes and ketones containing unsaturated bonds susceptible to further oxidation (Gewert et al., 

2015b).  

 

1.4.4.2. Thermodegradation 

The thermo-oxidative degradation of plastics requires high temperatures (>100o C) even for the 

polymer types more susceptible to it (PE, PP), and does not usually occur in marine environment 
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conditions, unless prior oxidation from the exposure to reactive compounds has occurred (S. S. Ali et 

al., 2021). The mechanism of thermodegradation is similar to that of photodegradation, with similar 

by-products. Thermal degradation incorporates two distinct reactions, taking place simultaneously: 

a random chain scission resulting in molecular weight reduction and a chain-end scission of C-C 

bonds with volatile products. Naturally, differences between the two processes exist. Thermal 

degradation can occur at any point of the polymeric chain, not only at a terminal carbon as in 

photodegradation. Also, thermodegradation takes place throughout the whole sample, and not only 

on its surface (Singh and Sharma, 2008). 

 

Figure 1. 7: The photodegradation mechanisms of plastics (S. S. Ali et al., 2021). 

1.4.4.3. Hydrolysis 

Hydrolysis is the reaction of polymers with water producing ionized acids on the polymeric chain. 

For effective hydrolysis the polymer chain must include hydrophilic, hydrolytically unstable bonds.  

Polyesters, such as PET, degrade by a simple non-enzymatic, random hydrolytic ester cleavage. The 
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hydrolysis rate is affected by the molecular weight of the polymer, the mobility and hydrophobicity 

of the polymer, the chain’s stereochemical composition and the concentration of water inside the 

material. Backbone hydrolysis, especially, is desirable due to the production of low molecular weight 

products. The hydrolysis process can be accelerated chemically, by ions produced through the 

reaction itself, or by biological catalysts, i.e., enzymes (S. S. Ali et al., 2021; Singh and Sharma, 2008).  

 

1.4.5. Biodegradation 

The biodegradation of traditional fossil based plastics has been considered impossible until very 

recently (Palmisano and Pettigrew, 1992). Apart from altering the sinking characteristics of plastics, 

the colonization of their surface and the development of biofilm has been found to facilitate the 

attachment and proliferation of marine communities with the potential to utilize plastic as a carbon 

source, called the “plastisphere” (Zettler et al., 2013). Plastic biodegradation is a process which relies 

on characteristics of the polymer, including molecular weight, shape, size, crystallinity, 

hydrophobicity and the presence of additives (Ahmed et al., 2018; Yuan et al., 2020). The process of 

microbial degradation of  plastics involves two steps. Initially, microorganisms produce extracellular 

hydrolytic enzymes (xylanase, lipase, keratinase, protease, chitinase) capable of cleaving the complex 

polymeric chain into smaller, easily digestible products. These processes are called biodeterioration 

and biofragmentation (Chandra et al., 2020; R. A. Wilkes and Aristilde, 2017; Yuan et al., 2020). The 

initial chain scission step can also be performed abiotically, through a pre-treatment step including 

photodegradation (Gewert et al., 2018; Romera-Castillo et al., 2018; Ward et al., 2019) or mechanical 

degradation (Ekvall et al., 2019; Enfrin et al., 2020). It was also recently discovered that hydrocarbon 

degrading bacteria, also degrading PE, possessed the potential to produce reactive oxygen species 

(ROS) capable of oxidizing the polymer similarly to abiotic processes (Zadjelovic et al., 2022). 

When the polymeric chain has been broken down into oligomers, dimers or monomers, the second 

step of biodegradation is the excretion of intracellular enzymes capable of mineralization into H20 

and CO2, which are later assimilated by the microorganisms as a carbon source (Lin et al., 2022; 

Thakur et al., 2023; Zhang et al., 2021).  

Microbial taxa with the potential to biodegrade various types of plastic have been identified among 

bacteria, fungi and recently algae (Ahmed et al., 2018; S. S. Ali et al., 2021; Thakur et al., 2023). Fungi 

in particular, with the potential to secrete enzymes capable of degrading complex natural polymers, 

such as lignin (laccases) and polyesters (cutinases), have been identified as effective plastic 

degraders (Srikanth et al., 2022). Two genera have been highlighted for their plastic degrading 

capacity: Aspergillus (Esmaeili et al., 2013; Muhonja et al., 2018; Sangeetha Devi et al., 2015; Sarkhel 
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et al., 2020) and Penicillium (Manzur et al., 2004; Ojha et al., 2017). 

  

Figure 1. 8: (A) The mechanisms of polyester hydrolysis, (B) the mechanism of polyester thermos-oxidative degradation (S. S. 

Ali et al., 2021) . 

Among the bacterial plastic degraders genera such as the versatile degrader 

Pseudomonas(Balasubramanian et al., 2010; Cox et al., 2018; Taghavi et al., 2021), Bacilli (Auta et al., 

2018; Harshvardhan and Jha, 2013; Maroof et al., 2021; Muhonja et al., 2018; Sudhakar et al., 2007; 

Yang et al., 2014), Vibria (Danso et al., 2018; de Vogel et al., 2021; Raghul et al., 2014; Sarkhel et al., 

2020; Sudhakar et al., 2007) and the pioneering PET degrader Ideonella sakaiensis (Austin et al., 

2018; Palm et al., 2019; Yoshida et al., 2016), can be found.  

Most of the putative plastic degraders identified so far have been isolated by soil environments, 

rather than freshwater or seawater (S. S. Ali et al., 2021). Recently it was estimated than only 25% of 

the plastic degrading fungi originate from the marine environment, where most plastic waste 

accumulates (Ekanayaka et al., 2022). 
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Figure 1. 9: Schematic of plastic biodegradation (Bacha et al., 2023). 

The biodegradation of plastics can be monitored by examining changes in the visual, mechanical, 

thermal or chemical characteristics of the polymers. Microscopy, and more specifically scanning 

electron microscopy (SEM), is very commonly applied for the visualization of changes to the surface 

of the samples. Changes in the macromolecular structure of the polymer are observed by 

spectroscopy, mainly Fourier-transform infrared (FTIR), or chromatographic methods, such as  gel 

permeation chromatography (GPC), high temperature GPC, thin layer chromatography (TLC), gas 

chromatography–mass spectrometry (GC–MS), high performance liquid chromatography (HPLC), X-

ray photoelectron spectroscopy (XPS), and nuclear magnetic resonance (NMR). Thermal gravimetric 

analysis (TGA), thermogravimetry/derivative thermogravimetry/differential thermal analysis (TG-

DTG-DTA), and differential scanning calorimetry (DSC) have been applied for the examination of 

physicochemical characteristics of the degrading polymer. The biodegrading communities were 

initially observed microscopically, but the development of next generation sequencing and 

https://www.sciencedirect.com/topics/earth-and-planetary-sciences/gel-chromatography
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/gel-chromatography
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/thin-layer-chromatography
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/liquid-chromatography
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/thermogravimetric-analysis
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/thermogravimetric-analysis
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/differential-scanning-calorimetry
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metagenomics has provided the scientific community with a clearer picture of the plastic degrading 

communities and the participating genera. The mineralization of plastics is commonly quantified 

respirometrically, by the measurement of CO2 production in closed systems (Matjašič et al., 2021). 

 

1.5. Plastic debris classification 

Plastic debris can be categorized based on several criteria: type, colour, origin, intended usage, 

erosion level, solid state, polymer composition, size. Color, polymer composition and usage are 

straightforward descriptive concepts. The type of plastic debris can be classified into fragments, 

pellets, filaments, plastic films, foamed plastic, granules, or styrofoam. The erosion level varies 

between virgin and weathered, while the solid state can be solid, semi-solid, waxlike, or liquid 

(Hartmann et al., 2019).  

On the basis of size, plastics can characterized as macroplastics, mesoplastics, microplastics or 

nanoplastics (Hartmann et al., 2019; Hidalgo-Ruz et al., 2012). Despite it being critical for the 

collection and comparison of plastic size classes, as well as the examination of their properties and 

adverse effects on the environment, no unanimous verdict has been reached on the matter of plastic 

debris size (Hartmann et al., 2019). The Joint Group of Experts on the Scientific Aspects of Marine 

Environmental Protection (GESAMP) have proposed that plastic debris with a nominal size of >25 

mm be considered as macroplastics, 5-25 mm mesoplastics, 5 mm – 1 μm microplastics and < 1 μm 

nanoplastics (GESAMP, 2019). In literature, however, it is possible to encounter alternative 

definitions. Some researchers have been ignoring the mesoplastic class completely, by dividing it 

between microplastics and macroplastics (Bergmann et al., 2015; Browne et al., 2007; Moore, 2008). 

Microplastics have been placed also in size ranges between 1 – 20 μm (Ryan, 2015; Thompson, 2004; 

Van Cauwenberghe et al., 2015), 62 - 5000 μm (Desforges et al., 2014), <1 mm (Andrady, 2011; 

Browne et al., 2011; Claessens et al., 2011). Particles as large as 20 μm have been characterized 

nanoplastics (Wagner et al., 2014). At the same time 335 nm have been also proposed as the largest 

size for nanoplastics (Koelmans et al., 2017). Based on the industrial definition of nanoparticles, 100 

nm have also been used as the maximum value of the nominal diameter of nanoplastics (Bergmann 

et al., 2015; Mattsson et al., 2015). 

The first mention of nanoplastics as a separate class was made by Koelmans et al. in Bergmann et al.  

(2015). The fact that they were recognized so late, compared to plastic debris and microplastics has 

to be linked with the fact that their small size made their detection in the marine environment 

impossible. Analytical techniques used for macro-, meso- and microplastics were generally 

inadequate at detecting and quantifying microplastics and nanomaterial technologies had to be 
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applied (Wayman and Niemann, 2021). The separation of nanoplastics from the rest of the plastic 

debris was vital since their small size stipulates colloid behaviour (Gigault et al., 2018). Their motion 

is dictated by Brownian motion, rather than shape and density (Hassan et al., 2015). Thus they can 

remain suspended in the water column and not sink to the bottom or float to the surface of the sea, 

depending on their buoyancy. At the same time, aggregation plays a major role in the fate of 

nanoplastics in the marine environment. During their residence in the sea, they aggregate with 

similar (homoaggregation) or different colloid particles (heteroaggregation) (Oriekhova and Stoll, 

2018) to form larger particles with distinct electric and physicochemical properties (aggregates) 

(Alimi et al., 2018; Mattsson et al., 2018, 2015; Wagner and Reemtsma, 2019), which potentially sink 

to the bottom (K. Kvale et al., 2020; K. F. Kvale et al., 2020). 

Origin-wise, microplastics and nanoplastics can be characterized as primary or secondary. Primary 

plastic particles have been intentionally produced in this size for commercia use and directly released 

into the marine environment. They are typically added to personal hygiene products, but they can 

also originate from leaks or transport accidents of production pellets used in the plastics industry 

(Friot and Boucher, 2017). Additionally, microfibers released while washing synthetic textiles 

through wastewater treatment systems into the sea (Gaylarde et al., 2021), as well as particles from 

vehicle tyres carried by rainwater runoff and rivers are considered primary microplastics (Jan Kole 

et al., 2017). Secondary plastic particles are the result of the weathering, degradation and subsequent 

fragmentation of larger plastic debris as they reside in the environment and interact with and within 

it (Malankowska et al., 2021). 

 

1.6. Analytical Techniques for Microplastic and Nanoplastic detection 

For the detection and analysis of microplastics and nanoplastics several techniques can be applied, 

with microscopy, spectroscopy and thermal degradation being the most widely used. Each method 

can be applied separately, but a combination of two or more of them has been proposed, to provide 

exact and accurate results. 

 

1.6.1. Microscopy 

Microscopy, in combination with the use of fluorescent dyes, such as Nile Red, has been one of the 

first methods for microplastic identification. Application of microscopy for plastic particle 

examination can be very time consuming and since it comprises of visual observation of the samples, 

it is characterized by low accuracy. Scanning microscopy, in the form of scanning electron microscopy 

(SEM) or transmission electron microscopy (TEM) enable the observation of plastic particles of very 
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small sizes. Coupling of SEM/TEM with energy-dispersive X-ray spectroscopy (EDS) can help 

increase analysis accuracy. The number of sizes which can be analysed thus is limited not only by 

time availability, but also by the high cost of the equipment (Woo et al., 2021).  

 

1.6.2. Spectroscopy 

Spectroscopy has been used in the majority of plastic related literature body. Fourier transform 

infrared spectroscopy (FTIR) and Raman spectroscopy, combining laser and microscopy 

technologies, are the two methods widely applied. They involve a non-destructive examination of the 

chemical composition on the surface of the samples and can provide polymer identification, as well 

as information on oxidation, and therefore, degradation. FTIR can be used in transmittance, 

reflectance, or attenuated total reflectance (ATR) mode, with the latter obtaining highly accurate 

spectra due to the contact of the equipment with the samples, regardless of their surface properties. 

Raman spectroscopy can also provide information on the crystallinity of the samples. Recently, 

micro-ATR-FTIR and micro-Raman technologies were developed, enabling the examination of 

particles as small as 50 μm, and the added benefit of potential for microscope coupling. Raman, 

reflectance FTIR and ATR-FTIR spectroscopy do not require prior sample pre-treatment and are thus 

fast. The main disadvantages of spectroscopy involve the increased cost of the equipment and desired 

high degree of expertise for spectra evaluation. Furthermore, the existence and manipulation of 

appropriate libraries are crucial for accurate sample examination. Finally, application of ATR 

spectroscopy requires contact of the probes with the samples, and therefore can result in sample 

damage (Woo et al., 2021).  

 

1.6.3. Thermal analysis  

Thermal analysis can be applied for the identification of polymers, as well as their degradation 

products. Through differential scanning calorimetry (DSC) the changes in dissolution, crystallization, 

transition temperatures, and corresponding enthalpy and entropy are examined for polymer 

identification. Thermogravimetric analysis (TGA), on the other hand, examines the dependence on 

time and temperature by measuring the weight loss of the sample while heating it at specific rate 

under given atmospheric and temperature conditions to quantify and identify it. Pyrolysis-gas 

chromatography mass spectrometry (Py-GC-MS) pyrolyzes plastics into gasses, separates and 

analyses them by applying GC-MS.  The obtained pyrograms can be determined by comparing them 

to known polymer standards. All three methods are characterized by limitations to the type of 

polymer which can be analysed (Woo et al., 2021).  
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1.7. Entry pathways and impacts of plastics in living organisms 

Plastics in the air, soil, and water have financial and societal impacts, but more importantly, they 

interact with organisms of all sizes and classifications, including humans (Werner et al., 2016). Plastic 

can impact organisms in two ways: directly via ingestion and entanglement (Wright et al., 2013), and 

indirectly by the adsorption of additives, chemical compounds and pollutants (Bergmann et al., 

2015). Microplastics, nanoplastics and plastic-associated additives can enter the human body mainly 

through ingestion, respiration or even through the skin (Rubio et al., 2020). The fact that the 

gastrointestinal tract is the main entryway of plastics into the human organisms is not surprising.  

Microplastic and nanoplastic particles have been not only been detected in seafood, such as mussels, 

oysters, shrimp and fish (Jinadasa et al., 2023; Kumar et al., 2022) and sea salt (Iñiguez et al., 2017; 

Karami et al., 2017; Kim et al., 2018; Kosuth et al., 2018), but also in milk, beer and honey (Diaz-

Basantes et al., 2020; Kutralam-Muniasamy et al., 2020; Shruti et al., 2020a). Fruit and crops, 

especially root vegetables, have been found to contain microplastics (Oliveri Conti et al., 2020). Part 

of the detected microplastics and nanoplastics can be attributed to release from food packaging 

(Claudia et al., 2022). At the same time, plastic particles have been detected not only in bottled water 

(Danopoulos et al., 2020; Kankanige and Babel, 2020; Schymanski et al., 2018), but also in tap water 

(Shruti et al., 2020b; Tong et al., 2020) and ground water (Kumar et al., 2021). 

 

1.7.1. Aquatic life 

The marine environment, as a major sink of plastic waste, is the most heavily affected by plastics, 

including the biota inhabiting it (Lamichhane et al., 2023). Plastics have been found to affect 817 

species, 519 of which belong in marine or coastal ecosystems. Plastic entanglement and ingestion 

affect not only fish, but also birds and marine mammals. Ingestion of plastics results in decreased 

sense of hunger, food capture ability and digestion. Entanglement, most commonly in lost or 

discarded fishing gear, also known as ghost nets, compromises the general body condition and 

mobility, leading to decreased food capture, predator escape and reproduction abilities. Filter feeding 

and bottom detritus feeding organisms are more likely to indiscriminately consume plastics  (CBD, 

2016). Micro and nanoplastics have been found to attach on the external organs of organisms, i.e. 

mussels, and thus enter their bodies (Kolandhasamy et al., 2018).  

Plastics contain additives, such as heavy metals, which can be released, causing toxicity (Meng et al., 

2021). At the same time, during their residence in the marine environment, plastics can absorb 

persistent pollutants, such as polycyclic aromatic hydrocarbons (PAHs), polychlorinated biphenyls 
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(PCBs) or polybrominated diphenyl ethers (PBDEs), concentrate them to orders of magnitude higher 

concentrations and adsorb them in the bodies of marine organisms, with negative effects, such as 

hepatic stress, endocrine disruption and carcinogenesis (Jiang et al., 2020; Mato et al., 2001; 

Rochman et al., 2013). Complex interactions between microplastics and antibiotics have been 

observed and linked with the expression of antibiotic resistant genes and their implications for 

human and marine life (Syranidou and Kalogerakis, 2022).  

Marine microbial communities consisting of bacteria, fungi, algae, diatoms, among other taxa have 

been found to successfully colonize plastic marine debris and thrive, forming the so-called 

“Plastisphere”. The plastic attached communities are characterized by complex structures and 

succession patterns and have been potentially linked with plastic biodegradation (Amaral-Zettler et 

al., 2020; Robyn J. Wright et al., 2020; Zettler et al., 2013). Plastics floating in the ocean, especially 

after catastrophic events, namely tsunamis, have been found to act as vectors for the transfer of 

invasive species, with the potential to alter the equilibrium within the hosting ecosystems (Calder et 

al., 2014; Goldstein et al., 2014). Microplastics have also been found to affect the permeability and 

thermal properties of sediments, which could, in turn, affect the well-being of sediment dwelling 

organisms, especially temperature sex-determined species (Carson et al., 2011). Organisms residing 

on plastic marine debris could have additional negative effects, since they could be vectors for the 

transfer of pathogenic species (Beloe et al., 2022; Bowley et al., 2021).  

The effects of plastic waste on living organisms are size dependent. Smaller particles, such as 

nanoplastics, can be ingested by a larger number of organisms, while at the same time, more 

incorporation pathways are available. Bioaccumulation of microplastics and nanoplastics within 

marine trophic levels has been supported by the existing literature, however, these findings have not 

yet been confirmed throughout the generalized trophic network (Miller et al., 2020). Additionally, 

smaller particle size is linked with higher surface area and subsequent leaching of additives and 

absorbed pollutants, the bioaccumulation of which, has not yet definitely recognized (Miller et al., 

2020; Oliveira and Almeida, 2019). Knowledge on the interactions of nanoplastics with biota is 

limited and comes mostly from laboratory studies. This is attributed to the lack of measurement 

techniques in the environment, despite them being able to affect multiple systems within individuals, 

as well as populations (Gong et al., 2023; Wang et al., 2021; Wayman and Niemann, 2021). 

 

1.7.2. Human health 

Studies on the effects of microplastics and nanoplastics on humans are very limited, compared to 

marine life. Microplastics have been detected in the human body, including human stool (Schwabl et 
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al., 2019) and placentas (Ragusa et al., 2021). Most of the studies have been performed in vitro 

(Kumar et al., 2022).  

Residence of trapped microplastic particles in the lungs has been connected to pulmonary diseases, 

namely asthma, pneumonia kai pneumothorax (Prata et al., 2020). It has been found that 

microplastics and nanoplastics can enter cells (Gratton et al., 2008) and penetrate the gut barrier and 

enter the circulation ante interfere with iron absorption (Mahler et al., 2012; Rahman et al., 2021). 

Once out of the gut, microplastics have the potential to cause tissue obstructions (Pedà et al., 2016) 

and accumulate in the intestine, lungs, and kidneys, altering lipid and energy metabolism and causing 

oxidative stress and neurotoxicological effects (MohanKumar et al., 2008; Powell et al., 2007). The 

same researchers also concluded that microplastics can interact with large proteins and interfere 

with blood circulation, cause intestine immune system modifications and finally, inflammation. 

Nanoplastic toxicity has been linked with acute inflammation and apoptosis (Choi et al., 2020; 

Lambert et al., 2017), as well as neurodegeneration and movement impacts in nematodes (Fouad et 

al., 2018; Li et al., 2017). Plastics can also affect human fertility (D’Angelo and Meccariello, 2021).  

The toxicity of microplastics and nanoplastics can also be traced back to their absorption of heavy 

metals, for instance chromium, the presence of which in the human organism can cause neurological 

disorders(Liao and Yang, 2020) . Similarly to the effects of absorbed persistent organic pollutants on 

marine organisms, humans exposed to them via microplastics can suffer cancer (Kumar et al., 2022; 

Rahman et al., 2021).  
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Chapter 2. Thesis Objectives 
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It is obvious that the processes affecting the Global Plastic Budget are numerous and intricately 

interdependent.  

The aim of this work is to examine and deconvolute some of the processes involved in the plastic 

mass budgets and their interactions, which, despite the rapidly growing body of literature on the 

topic of plastic pollution, remain mostly obscure. The answers to the following research questions 

will be sought: 

 

Research question 1: How do the main processes, namely photodegradation, biodegradation, 

settling and (bio)fragmentation affect the plastics encountered and quantified in the marine 

environment? 

 

Research question 2: Do interactions between the processes exist? What role does stochasticity play 

during these interactions? 

 

Research question 3: Is the quantification of the processes possible? Can it be translated into 

mathematical expressions and model-ready factors? 

 

Research question 4: Which are the key players in the south-eastern Mediterranean plastisphere? 

Are these communities stable or affected by environmental processes? Does acclimatization play a 

role in their biodegradation potential? 

 

Research question 5: Is there transferability between different scale experiments? Can laboratory 

and mesocosm experiments be effectively employed for the examination of such a complex network 

of processes and their interactions? 

 

To answer these questions, experiments of all scales, from laboratory scale microcosms and 

mesocosms to field incubation, were designed. Results were produced by the application of 

traditional plastic pollution analysis techniques (SEM, FTIR, ATR-FTIR, UV-vis spectrometry) in 

conjunction with novel ones (flow cytometry, next generation sequencing, dynamic light scattering) 

and advanced data analysis methods.  

 

The main novelty of this dissertation comes with the scale-up approach. Works found in the plastic 

pollution literature are working in one or two of the scales described here. The transition from a 
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small, easily controllable microcosm experiment to the mesocosms and finally to the field incubation, 

while applying similar techniques, wherever that was possible and appropriate, allowed our results 

to be comparable.  

At the same time, considering the vast timescale necessary for the examination of plastic degradation, 

our experiments are among the longest running which have been performed. The use of several 

polymer types made it possible to examine their separate behaviour under the same conditions. Most 

importantly, the use and contrast of virgin and weathered pellets facilitated a “crystal ball” approach, 

according to which the incorporation of a longer timescale was possible.  

The correlation between fouling development and sinking behaviour of plastic samples, including 

non-spherical mesoplastic films, is studied here for the first time, by employing a novel semi-

theoretical approach. 

Finally, the composition and succession of the plastic polluted south-eastern Mediterranean has not 

been examined before. The contribution of the data on fungal taxa to the scientific community is 

considerable, since marine putative fungal degraders of plastic are understudied and largely ignored, 

despite their theoretical potential.  
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Chapter 3. Nanoplastic generation from 

secondary PE microplastics: Microorganism-

induced fragmentation 
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3.1. Abstract 

Concern regarding the pollution of the marine environment with plastics has been rising in recent 

years. Plastic waste residing in and interacting with the environment fragments into secondary 

particles in the micro- and nanoscale, whose negative impacts on the environment are even greater 

than those of the parent items. In this work, secondary high-density polyethylene (HDPE) and low 

density polyethylene (LDPE) microplastics were produced by irradiation of virgin films following 

mechanical fragmentation. The fragments with size ranging from 250 μm to 2 mm were selected for 

subsequent microcosm experiments. Incubation for 120 days in seawater inoculated with two 

marine communities, Agios, acclimatized to utilizing plastics as a carbon source, and Souda, as was 

collected at the Souda bay (Crete, Greece), resulted in biofilm formation by polyethylene (PE) 

degraders. Monthly FTIR (Fourier-transform infrared spectroscopy) examination of the samples 

revealed changes in the chemical structure of the surface of the polymers. Dynamic light scattering 

(DLS) was employed and nano- and microparticles with sizes in the range between 56 nm and 4.5 

μm were detected in the seawater of inoculated microcosms. It was thus demonstrated that 

weathered plastics particles can biodeteriorate and biofragment as a result of biofilm attachment, 

resulting in the production of nanoplastics due to microbial activity. 

 

3.2. Introduction 

Plastics are high molecular weight polymers with excellent chemical and physical properties. Due to 

improper waste management schemes, accumulation of plastics in marine, freshwater, and 

terrestrial environments keeps on increasing (Gong and Xie, 2020). A large quantity of plastic 

particles ends up in the marine environment; 270,000 t of plastics have been estimated to float in the 

world’s oceans, with current convergence areas being most heavily affected such as the ocean gyres, 

and enclosed water bodies, like the Mediterranean Sea (da Costa et al., 2016; Eriksen et al., 2014). 

Plastics contribute to about 80 to 85% of marine litter (Auta et al., 2017) while fragments constitute 

the majority of marine plastic litter in terms of abundance in the ocean (Cózar et al., 2014). Particle 

size distributions follow a power law for fragments while the maximum is frequently observed at ~1 

mm (Kaandorp et al., 2021). Based on the production process, microplastics (MPs) can be divided 

into primary when they are fabricated as such and secondary MPs as a result of fragmentation 

(Malankowska et al., 2021). When plastics are immersed in the marine environment, they undergo 

ageing and size transformations due to abiotic and biotic processes. Exposure to ultraviolet (UV) 
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radiation at simulated coastal conditions, followed by mechanical abrasion resulted in the production 

of thousands of secondary plastic (Song et al., 2017a). 

In turn, fragmentation favors biodegradation since it increases the surface to volume ratio (Rummel 

et al., 2017). Moreover, the fragmented plastics have also reduced molecular weight and therefore 

biodegradation can more readily occur (Singh and Sharma, 2008). In general, plastic degradation is 

accomplished by the synergy of abiotic factors and microorganisms (Kumar et al., 2020). Microbial 

degradation of plastic particles involves steps such as colonization, biodeterioration, 

biofragmentation, assimilation, and mineralization (I. Ali et al., 2021). Biofilm formation through the 

microbial adhesion and production of various proteins and polysaccharides results in significant 

physicochemical alterations on the surface. Biofragmentation of plastics as a result of primarily 

enzymatic activity follows. Until now, the generation of NPs referred to as particles with the largest 

dimension below 1 μm, has been demonstrated as part of the degradation of plastic particles mainly 

due to UV irradiation (Gigault et al., 2016; Sorasan et al., 2021) while no studies have demonstrated 

the presence of NPs due to microbial activity. 

Few studies have demonstrated the ability of marine as well as terrestrial microorganisms to degrade 

plastics (L. Liu et al., 2021; Raddadi and Fava, 2019), while the information concerning the 

degradation of weathered plastics is scarce (Auta et al., 2018; Syranidou et al., 2019a). The aim of this 

study was to investigate the effect of one acclimated (Agios) and one indigenous (Souda) marine 

community on the physicochemical properties of PE (HDPE and LDPE) secondary MPs in marine 

microcosms. The colonization process was investigated in conjunction with the monitoring of the 

impact on the chemical properties of the surface of secondary MPs, toward understanding the 

generation of and NPs. 

 

3.3. Materials and Methods 

3.3.1. Materials/ Generation of secondary MPs 

High-density polyethylene (HDPE) and low-density polyethylene (LDPE) films with a thickness of 0.1 

mm were obtained from Plastika Kritis S.A. (Heraklion, Greece). They were cut in strips with 

dimensions 10 cm x 1 cm and exposed to artificial UV-A radiation using 6 Sylvania F36 T8 BLB lamps 

(emission spectral peak at 365 nm). Irradiation was performed in a closed sand system (Figure 3.1) 

for a period of time until application of mild mechanical stress would cause fragmentation. The 

temperature of the system and the amount of radiation were monitored constantly using two Onset 

HOBO Temperature Light 3500 DP Loggers. 
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Figure 3. 1: (A) HDPE and LDPE films and (B) HDPE secondary microplastics with size 250 μm–2 mm. 

Sufficient fragmentation was observed in HDPE and LDPE films after 5 and 7 months of irradiation, 

respectively. Complete fragmentation was achieved by the application of mild mechanical stress in 

rotating borosilicate glass bottles containing sieved sand (Kalogerakis et al., 2017). The plastic 

fragments went through a size exclusion process, employing two sieves with pore sizes of 2 mm and 

250 μm. Fragments of the desired size (250 μm–2 mm) were weighed and separated in 50 ± 2 mg 

groups. The samples were sprayed with a 70% water~ethanol (completely denatured with 1% ethyl 

methyl ketone, 1% isopropyl alcohol, 1 g/100 L denatonium benzoate, Merck, Kenilworth, NJ, USA) 

solution for sterilization and left to dry in an incubator at 37 °C for 3 days prior to placing them in the 

seawater microcosms. 

 

3.3.2. Biodegradation Assays 

3.3.2.1. Marine Communities 

Two different marine consortia were used in this study to assess their degradation ability. The 

community “Agios” is an acclimated consortium, previously developed in previous studies, capable 

of degrading PE films. The community consists predominantly of the phyla of Proteobacteria 

(Alphaproteobacteria and Gammaproteobacteria), Bacteroidetes, and Actinobacteria. Additionally, 

the expression of the alkB gene, which has been linked to both hydrocarbon and plastic polymer 

biodegradation, has been observed (Syranidou et al., 2017c). An indigenous community collected 

from Souda bay (Crete, Greece) was also exploited. For the isolation of the indigenous community, 

seawater was collected from Souda bay and was cultured in Erlenmeyer flasks containing 200 mL of 

DSMZ 453 medium for 7 days at 25 °C in the presence of PE films. The biofilm attached on the films was 

harvested by gently scraping the surface of the films and cultured anew in DSMZ 453 medium. The 

community was removed from the culture medium by centrifugation, diluted in sterile seawater, and 

used for inoculation of the biodegradation experiments (“Souda”). 
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3.3.2.2. Experimental Design 

A microcosm experiment was conducted in sterilized flasks in triplicate using HDPE and LDPE 

secondary MPs as the sole carbon source. A total of twelve flasks per treatment were employed. In 

each microcosm, 50 mL sterile enriched filtered seawater, 50 mg sterile PE fragments along with the 

consortia (starting concentration: 105 cells mL−1) were added. Sampling occurred at the end of each 

month by permanently removing 3 flasks per treatment. The experiment was conducted in 25 °C in 

darkness, under continuous shaking at 120 rpm and lasted for 4 months. Abiotic controls, containing 

sterile enriched filtered seawater and sterile PE fragments, were incubated for the same period of 

time in the dark, so as to avoid photodegradation. 

 

3.3.2.3. Viable Cell Concentration and Extracellular Polymeric Substances 

Pieces of 250 μm plankton mesh were used for the capture of the PE secondary MPs from the flasks. 

All the particles retained within the mesh were subsequently washed with 2% w/v sodium dodecyl 

sulfate (SDS) in order to remove the biofilm from the surface. The biofilm cells were serially diluted and 

spread on rich medium plates (DSMZ 453) in order to estimate the cell concentration, along with 

protein measurements. The concentration of proteins was determined according to the modified 

Lowry Protein Assay Kit protocol (LOWRY et al., 1951). 

 

3.3.3. FTIR 

The chemical structure alterations of the samples were examined using Fourier-transform infrared 

spectroscopy (FTIR). A small quantity of each sample (3–5 mg) was incorporated in KBr pellets in a 

1:10 ratio. The spectra were obtained using a Frontier FTIR spectrometer (PerkinElmer, Waltham, 

MA, USA) and analyzed using Spectrum software (PerkinElmer, Waltham, MA, USA). For each sample 

64 scans were performed, with a scan resolution of 4 cm−1 in the 4000–450 cm−1 absorbance range. 

Chemical changes on the surface of the microplastics were monitored monthly, by calculating the 

following indices using the absorbance values from the respective spectra (Anthony L Andrady, 

2017): 

𝐾𝑒𝑡𝑜 𝐶𝑎𝑟𝑏𝑜𝑛𝑦𝑙 𝐵𝑜𝑛𝑑 𝐼𝑛𝑑𝑒𝑥 (𝐾𝐶𝐵𝐼) =
𝐴1715

𝐴1465

 
(1) 

𝐸𝑠𝑡𝑒𝑟 𝐶𝑎𝑟𝑏𝑜𝑛𝑦𝑙 𝐵𝑜𝑛𝑑 𝐼𝑛𝑑𝑒𝑥 (𝐸𝐶𝐵𝐼) =
𝐴1740

𝐴1465

 
(2) 
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𝑉𝑖𝑛𝑦𝑙 𝐵𝑜𝑛𝑑 𝐼𝑛𝑑𝑒𝑥 (𝑉𝐵𝐼) =
𝐴1650

𝐴1465

 
(3) 

𝐼𝑛𝑡𝑒𝑟𝑛𝑎𝑙 𝐷𝑜𝑢𝑏𝑙𝑒 𝐵𝑜𝑛𝑑 𝐼𝑛𝑑𝑒𝑥 (𝐼𝐷𝐵𝐼) =
𝐴908

𝐴1465

 
(4) 

3.3.4. Nanoparticle Detection–Light Scattering 

The presence of plastic particles of micro or nano scale in the microcosms was investigated monthly 

using dynamic light scattering (DLS), with a SALD-7500nano particle analyzer (Shimadzu, Japan). 

Following the measurement of a blank sample of fresh seawater, a volume of 5 mL of seawater from 

the mesocosms was analyzed using WingSALD II version 3.1.1 in terms of both volume and number 

of particles every month. DLS results are reported as particle diameter in μm versus number of 

particles or volume of particles. While the former allows for maximum concentration sensitivity, the 

latter provides information on larger particles that are not well represented in the samples in terms 

of number. 

 

3.3.5. Data Analysis 

Statistical analysis of the data was implemented using R version 4.0.0 (R Core Team, Vienna, Austria) 

in the environment RStudio version 1.3.959. Data normality was conducted using the Shapiro–Wilk 

test. Depending on data normality, the Kruskal–Wallis non-parametric test and one-way ANOVA 

were used to detect statistically significant differences between samples. The package ggplot2 was 

used for data visualization. 

 

3.4 Results 

3.4.1. Biofilm Populations on PE Secondary Microplastics 

Biofilm populations on the surface of the secondary microplastics increased from the 105 cells mL−1 

initially added to the microcosms. Cell abundances in the microcosms inoculated with the acclimated 

Agios community were consistently higher than those inoculated with the Souda community (Figure 

3.2). The growth observed after 30 days of incubation was statistically significant; the Agios 

community achieved an average of 1.44 logCFU mL−1 increase (Figure 3.2B) when utilizing HDPE 

microplastics as sole carbon source. For LDPE, average increases of 0.93 logCFU mL−1 (Souda 

community) and 2.26 logCFU mL−1 (Agios community) could be observed in 30 days (Figure 3.2C,D). 

The only exception to that pattern was exhibited by the Souda community in microcosms containing 

HDPE microplastics. While in the first 30 days the cell growth was minimal, statistically significant 
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growth was noted between the 30th and 60th day, reaching an average increase of 1.3 logCFU mL−1. 

A decrease of 0.74 logCFU mL−1 was followed by an almost equal increase of 0.71 logCFU mL−1 to a 

final average viable cell concentration of 6.45 ± 0.15 logCFU mL−1 at the end of the incubation period 

(Figure 3.2A). The acclimated Agios community behaved similarly, regardless of the type of MPs 

provided as carbon source. Viable cell concentrations increased for 60 days, reaching maximum 

average values of 7.29 ± 0.44 logCFU mL−1 and 7.58 ± 0.52 logCFU mL−1 when incubated with HDPE 

and LDPE respectively. For the remainder of the experiment a decrease of cell concentrations led to 

final values of 6.61 ± 0.16 logCFU mL−1 for LDPE microcosms and 6.11 ± 0.29 logCFU mL−1 for LDPE 

microcosms (Figure 3.2B,D). Souda community cell populations increased until the 90th day up to 

6.70 ± 0.76 logCFU mL−1, when a decrease to a final concentration of 6.24 ± 0.38 logCFU mL−1 was 

observed (Figure 3.2C). Viable cell concentration evolution over time was statistically significant 

among all treatments. 

 

Figure 3. 2: The abundances of Souda biofilm community on (A) HDPE and (C) LDPE secondary MPs and the abundances of 

Agios biofilm community on (B) HDPE and (D) LDPE secondary MPs over time. Stars indicate significance levels: * for p < 0.05, 

** for p < 0.01, *** for p < 0.001. 
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Exopolymeric protein concentrations on secondary MPs shown in Figure 3.3 do not exhibit similar 

patterns as the biofilm cells. They fluctuate in a similar manner on HDPE microplastics and by the 

end of the incubation period a definite decrease can be observed. On the other hand, protein 

concentrations on LDPE microplastics behave not only differently than those on HDPE, but also 

between the two treatments, reaching marginally higher values than those initially measured at the 

end of the cultivation period. More specifically, average protein concentrations on the surface of the 

HDPE secondary microplastics (73.8 ± 3.8–165.2 ± 27.5 μg mL−1) were consistently almost one order 

of magnitude higher than those on LDPE (10.0 ± 1.6–20.7 ± 6.8 μg mL−1). The high average protein 

concentrations observed for the Souda community (165.2 ± 27.5 μg mL−1; Figure 3.3A) and for the 

Agios community (143.7 ± 15.6 μg mL−1; Figure 3.3B) on HDPE microplastics after 30 days of 

incubation were followed by a steep decrease on the 60th day (73.8 ± 3.8 μg mL−1 for the Souda 

community and 82.4 ± 14.3 μg mL−1 for the Agios community). The increase in protein concentration 

that can be noted on the 90th day (105.7 ± 1.7 μg mL−1 for the Souda community and 82.5 ± 14.3 μg 

mL−1 for the Agios community) does not restore the concentrations to the initially measured 

maximum values. The average values decreased further in the time resulting in final protein 

concentrations of 93.0 ± 10.1 μg mL−1 for the Souda community and 90.3 ± 3.3 μg mL−1 for the Agios 

community. The proteins on the surface of LDPE samples incubated with the Souda community 

decreased, as previously seen on HDPE, however more gradually from 13.2 ± 1.5 μg mL−1 on the 30th 

day to 10.0 ± 1.6 μg mL−1 on the 60th day (Figure 3.3C). From that point on, average concentrations 

increased marginally to 10.8 ± 1.6 μg mL−1 on the 90th day and finally reached 14.1 μg mL−1 at the 

end of the experiment. The average protein concentrations measured on LDPE microplastics, 

following incubation with the Agios community exhibited a gradual increase from 14.6 ± 2.2 μg mL−1 

on the 30th day to 19.2 ± 1.3 μg mL−1 on the 90th day and finally decreased to 14.8 ± 2.1 μg mL−1 at 

the end of the experiment (Figure 3.3D). It should be noted that the differentiation of protein 

concentration values was not statistically significant between samplings. The differences observed 

between the two LDPE treatments were statistically significant (p = 0.002), but this was not the case 

for HDPE (p = 0.808). Finally, the different PE types affected the protein concentration on the surface 

in a statistically significant manner; comparison between HDPE and LDPE samples for the Souda 

community revealed statistically significant differences (p = 0.0003 and p = 6.8 × 10−6). 
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Figure 3. 3: The concentration of proteins within the Souda biofilm community on (A) HDPE and (C) LDPE secondary MPs and 

the concentration of proteins within the Agios biofilm community on (B) HDPE and (D) LDPE secondary MPs over time. 

3.4.2. FTIR 

The FTIR spectra of secondary LDPE microplastic samples at the beginning of the incubation period 

(Weathered_LDPE) and after 90 and 120 days of incubation with each community (LDPE_3months_S, 

LDPE_4months_S, LDPE_3months_A, LDPE_4months_A) are shown in Figure 3.4. As seen the broad 

stretching hydroxyl (O-H) peak visible in the range 3200–3600 cm−1 of the LDPE microplastics was 

smoothed as incubation progressed, regardless of the community. The carbonyl (C=O) peak at 1708 

cm−1 was sharpened and higher absorbance values were observed as incubation progressed. Finally, 

the carbon oxygen (C-O) peak at 1163 cm−1, which cannot be detected on the initial LDPE 

microplastics, was most visible after 90 days of incubation with both the Souda and Agios community, 

and was smoothed out on the 120th day. 
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Figure 3. 4: The FTIR profiles of LDPE secondary MPs prior and after exposure to Souda and Agios communities. 

HDPE microplastics initially used for the microcosms had an average keto carbonyl bond index 

(KCBI) value of 0.89 ± 0.00 (Figure 3.5A,B). A maximum increase was observed after 30 days for 

samples incubated with the Souda community (KCBI = 0.98 ± 0.006; Figure 3.5A) as well as for 

samples incubated with the Agios community (KCBI = 0.96 ± 0.02; Figure 3.5B). Further incubation 

resulted in a marginal drop to final average values of 0.92 ± 0.008 for the Souda community (Figure 

3.5A) and 0.93 ± 0.02 for the Agios community (Figure 3.5B). LDPE microplastics, with an average 

initial KCBI value of 1.36 ± 0.00 (Figure 3.5C,D), exhibited notable decrease after 30 days of 

incubation with both communities; 0.87 ± 0.11 for Souda (Figure 3.5C) and 0.84 ± 0.13 for Agios 

(Figure 3.5D). The average KCBI values of LDPE microplastics incubated with the Souda community 

fluctuated before attaining the final average value of 0.90 ± 0.00 (Figure 3.5C). On the other hand, 

incubation with the Agios community did not alter the LDPE microplastics significantly, from a keto 

carbonyl bond index point of view, since the average values were almost stable. After 120 days KCBI was 

0.85 ± 0.03 (Figure 3.5D). The differences observed between the HDPE and LDPE microplastic samples 

after the incubation with the two communities were statistically significant (p = 0.014 for Souda 

community and p = 0.0008 for Agios community, respectively). 
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Figure 3. 5: The KCBI of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and the KCBI of (B) 

HDPE and (D) LDPE secondary MPs inoculated with the Agios community. 

A 30-day incubation with any of the two communities employed was proven sufficient for the 

chemical alteration of the surface of the HDPE microplastics, from an ester carbonyl bond index 

(ECBI) point of view (Figure 3.6A,B). The initial average ECBI value of 0.88 ± 0.00 of the microplastics 

at the time of incubation was succeeded by 0.97 ± 0.008 for samples incubated with the Souda 

community (Figure 3.6A) and 0.96 ± 0.03 for samples incubated with the Agios community (Figure 

3.6B). The average ECBI values for Souda community-incubated HDPE microplastics fluctuated until 

the final value of 0.90 ± 0.009, while for the Agios community incubated samples, a clear pattern of 

decrease until a value of 0.92 ± 0.02 was observed. As far as the LDPE microplastics were concerned, 

almost no change can be observed from the initial average value of 0.80 ± 0.00 in the first 30 days 

(Figure 3.6C,D). The minimum average ECBI values were observed on the 60th day of incubation; 

0.62 ± 0.02 for the LDPE microplastics incubated with the Souda (Figure 3.6C) community and 0.72 

± 0.07 for LDPE microplastics incubated with the Agios community (Figure 3.6D). Increase in the 
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average ECBI values over the following 60 days resulted in final values which were slightly higher 

than the original ones; 0.85 ± 0.00 for the samples from the Souda community microcosms (Figure 

3.6C) and 0.84 ± 0.04 for the samples from the Agios community microcosms (Figure 3.6D). The p-

values from the Mann–Whitney U test revealed that the differences observed between the two 

polymers were statistically significant for both communities (p = 0.0003 for Souda and p = 7.75 × 

10−5 for Agios). 

 

Figure 3. 6: The ECBI of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and the ECBI of (B) 

HDPE and (D) LDPE secondary MPs inoculated with the Agios community. 

Incubation of both secondary microplastic types contributed to the development of internal double 

bonds on the polymers’ surfaces. During the first 30 days in the microcosms, all average internal 

double bond index (IDBI) values increased from an initial value of 0.83 ± 0.00 for HDPE and 0.36 ± 

0.0 for LDPE. More specifically, incubation with the Souda community resulted in an average IDBI 

value of 0.95 ± 0.008 for HDPE samples (Figure 3.7A) and 0.82 ± 0.17 for LDPE samples (Figure 3.7C), 
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while incubation with the Agios community yielded average values of 0.93 ± 0.05 for HDPE (Figure 

3.7B) and 0.79 ± 0.22 for LDPE (Figure 3.7D). From that point on, however, each polymer exhibited 

different behavior. The average IDBI of HDPE microplastics incubated with the Souda community 

was stabilized until the 90th day and on the 120th day, a decrease to a value of 0.87 ± 0.01 was 

observed (Figure 3.7A). Incubation with the Agios community resulted in a gradual decrease of the 

average IDBI value to a final 0.89 ± 0.02 (Figure 3.7B). After incubation with the Souda community, 

LDPE microplastic samples’ IDBI values exhibited an increasing pattern, until the final value of 1.01 

± 0.00 (Figure 3.7C). In the treatment of the Agios community, LDPE microplastics gradually reached 

a final average value of 1.07 ± 0.02 (Figure 3.7D). It is notable that both LDPE treatments resulted in 

their maximum average values on the 90th day, with very high standard deviations (1.62 ± 0.53 for 

Souda-incubated samples and 0.96 ± 0.29 for Agios- incubated samples). No statistically significant 

differences could be discerned between polymer types or communities. 

 

Figure 3. 7: The IDBI of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and the IDBI of (B) HDPE 

and (D) LDPE secondary MPs inoculated with the Agios community. 
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Artificial UV irradiation affected the two types of PE in a similar manner, but to a dissimilar extent. 

The average vinyl bond index (VBI) value of HDPE upon initiation of the experiment was 0.89 ± 0.00, 

while that of LDPE was 0.14 ± 0.00. Incubation with the two marine communities led to increased 

detection of vinyl bonds for all treatments (Figure 3.8). Incubation with the Souda community resulted 

in average VBI values of nearly 1.00 from the 30th to the 90th day of the experiment, which finally 

decreased to 0.92 ± 0.003 at the end of the incubation period (Figure 3.8A). The average value of 0.99 

± 0.04 was achieved after 30 days of LDPE incubation with the Agios community. It decreased 

gradually to a final average value of 0.94 ± 0.03 on the 120th day (Figure 3.8B). The initial increase 

in average VBI values was more distinct, reaching 0.82 ± 0.17 after a 30-day incubation with the 

Souda community (Figure 3.8C) and 0.78 ± 0.20 with the Agios community (Figure 3.8D). For the 

remainder of the experiment, average VBI values of LDPE microplastics incubated with the Souda 

community fluctuated until the final value of 0.80 ± 0.00 was attained (Figure 3.8C). The fluctuations 

for Agios community-incubated samples were less pronounced, with a final average value of 0.76 ± 

0.05 (Figure 3.8D). Statistically significant differences could be observed between the two polymers 

for each community (p = 0.0003 for the Souda community and p = 1.63 × 10−5 for the Agios 

community). 
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Figure 3. 8: The VBI of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and the VBI of (B) HDPE 

and (D) LDPE secondary MPs inoculated with the Agios community. 

Generally, in the first 30 days the FTIR indices of all treatments increased, from 4.8% (ECBI of LDPE 

incubated with the Souda community) to 483.1% (VBI of LDPE incubated with the Souda 

community). Following the initial abrupt increase, the ECBI of HDPE MPs incubated with the Souda 

community fluctuated until a 7% decrease took place between the 90th and 120th day. On the other 

hand, MPs after incubation with the Agios community steadily declined throughout the experiment. 

ECBI values of LDPE MPs followed a similar pattern of increase on the 30th day, which was followed 

by decrease on the 60th day. For the remainder of the experiment, the value of the ECBI index 

increased, until both treatments reached approximately the same value. The IDBI refers to C=C bonds 

in the polymeric chain while the VBI refers to terminal C=C bonds. Interestingly, examination of IDBI 

and VBI of HDPE MPs showed that regardless of incubation community, the values of the two bond 

indices followed the same pattern of increase in the first 30 days, stabilization between the 30th and 

90th day and decrease in the last 30 days. The total percentile differentiation of the two indices was 
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equal in both treatments (13.5% for Souda incubated samples and 11.0% for Agios incubated 

samples), indicating that double bonds were created in the polymeric chains in an identical manner, 

despite the incubation with different communities. That was not the case with LDPE MPs. While the 

two indices followed the same pattern until the 60th day of incubation with the Souda community, 

they followed opposite directions until the termination of the experiment. The VBI of Agios 

community incubated samples did not change after the initial increase of the first 30 days. The IDBI 

however, progressively increased, despite minute fluctuations. The only exception to that pattern of 

increase was the KCBI of both LDPE treatments. After 30 days of incubation, a decrease of more than 

30% was noted, accompanied by simultaneous slight increase in ECBI. Carbonyl index decrease 

resulted from the incubation of HDPE and LDPE with fungi, with the change being more definite for 

LDPE samples after 30 days (Ojha et al., 2017). The KCBI value of weathered LDPE microplastics prior 

to inoculation was 34% higher than that of HDPE. 

 

3.4.3. Size Distribution of Generated Nanoplastics 

In this section, the size distribution of the micro- and nanoparticles generated from the microplastics 

used are presented. Generally, the particle size distribution of HDPE particles by volume shifted to 

the right as incubation progressed with either community. The temporal diameter differentiation of 

secondary HDPE particles as a function of their volume is shown in Figures 3.9A,B. Examination of 

samples from the abiotic control showed average diameters of 5.357 ± 0.209 μm, with a modal value 

of 3.548 μm. After 30 days of incubation with the Souda community the mean diameter of the LDPE 

particles contained in the liquid was 0.814 ± 1.128 μm, with a modal value of 0.102 μm. On the 60th 

day, the mean diameter diminished to 0.654 ± 0.945 μm, with a higher modal value of 0.129, while 

on the 90th day, both mean and modal diameters increased with respective values of 3.172 ± 0.906 

μm and 0.412 μm. At the end of the experiment, further increase was observed, with a final mean 

diameter of 28.937 ± 0.533 μm and a modal diameter of 54.923 μm (Figure 3.9A). Incubation with 

the Agios community resulted in gradual increase in the mean diameter of the plastic particles, from 

6.144 ± 0.584 μm on the 30th day to 56.976 ± 0.402 μm on the 120th day. Interestingly, the highest 

modal value was observed on the 90th day, with a value of 110.467 μm (Figure 3.9B). The diameter 

by volume of LDPE particles was generally higher than that of HDPE. The particle size distribution of 

LDPE secondary MPs incubated with the Souda community did not shift significantly over time. An 

initial mean diameter of 56.390 ± 0.255 μm was initially measured, close to the modal diameter 

(54.923 μm). On the 60th day, the mean diameter increased to 82.604 ± 0.259 μm, with a modal value 

of 87.513. On the 90th day the diameter started to decrease (mean = 51.621 ± 0.279 μm, modal = 
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54.923 μm), to finally attain the minimum mean value of 26.564 ± 0.488 μm and a modal diameter of 

43.510 μm (Figure 3.9C). Incubation of LDPE microplastics with the Agios community shifted the 

particle size distribution to the left. After 30 days nanoparticles of a mean diameter of 6.144 ± 0.584 

μm (modal = 17.138 μm) were produced. The mean diameter increased until 66.639 ± 0.426 μm until 

the 90th day (modal = 110.467 μm) and finally decreased to 56.976 ± 0.402 μm, with a close modal of 

54.923 (Figure 3.9D). 

 

Figure 3. 9: The particle size distribution of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and 

of (B) HDPE and (D) LDPE secondary MPs inoculated with the Agios community by volume of particles as measured by dynamic 

light scattering. 

The distribution of HDPE particle size by number shifted decisively to the right, regardless of 

incubation community. The mean diameter by number after Souda community incubation for 30 days 

was 0.062 ± 0.157 μm, with a modal value of 0.056 μm. The diameter increased progressively until 

the end of the experiment, when maximum mean and modal values of 1.345 ± 0.142 μm and 1.122 

μm were measured (Figure 3.10A). Increase in particle diameter by number was observed after the 

incubation of HDPE microplastics with the Agios community, as well. Distinctively, the mean particle 

diameter was 0.353 ± 0.154 μm (modal = 0.282 μm) after 30 days and reached 4.945 ± 0.203 μm on 

the 120th day. Notably, the modal diameter value did not change between the 90th and 120th day 
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and was stable with a value of 3.548 μm (Figure 3.10B). The diameter of LDPE particles fluctuates 

throughout the experiment, but a shift of the distribution to the left can be observed, more distinctly 

in the case of Agios community-incubated samples (Figures 3.10B,D). LDPE particles of a mean 

diameter of 6.531 ± 0.297 μm and a modal diameter of 4.467 μm were detected in samples from the 

30th day of incubation with the Souda community. On the 60th day, the mean particle diameter was 

5.579 ± 0.313 μm with an equal modal diameter of 4.467 μm. A steep increase of diameter was 

observed on the 90th day (mean = 0.314 ± 0.168 μm, modal = 0.224 μm), followed by an increase to 

a mean diameter of 3.836 ± 0.321 μm, with a modal value of 2.239 μm (Figure 3.10C). The diameter 

of LDPE particles incubated with the Agios community fluctuated, however in a dissimilar manner. 

The mean particle diameter was 4.670 ± 0.171 μm (modal = 3.548 μm) on the 30th day. One month 

later, a higher mean diameter equal to 5.594 ± 0.250 μm, with a modal diameter of 4.467 was 

observed, only to decrease steeply in the next sampling, to a minimum mean diameter of 0.182 ± 

0.161 μm (modal = 0.178 μm). Samples from the end of the experiment exhibited slightly higher 

diameters, with a mean value of 0.192 ± 0.168 μm and a modal diameter of 0.178 μm (Figure 3.10D). 

 

Figure 3. 10: The particle size distribution of (A) HDPE and (C) LDPE secondary MPs inoculated with the Souda community and 

of (B) HDPE and (D) LDPE secondary MPs inoculated with the Agios community by number of particles. 
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3.5. Discussion 

3.5.1. Changes of Incubated Secondary Microplastics 

It has been shown that among a variety of plastics polymers, PE was the material less facilitating to 

biofilm development and fragmentation (Gerritse et al., 2020). Biofilm development on the surface 

of PE particles, however, has been associated with biodegradation (Ganesh Kumar et al., 2020; 

Balasubramanian et al., 2010; Gilan et al., 2004; Yans et al., 2018). Microorganisms recruit the 

extracellular enzyme reservoir to enable the biodeterioration and biofragmentation of solid 

substrates (García-Depraect et al., 2021b). In this experiment, viable cells and protein concentrations 

were examined as a measure of biofilm formation and microbial activity, while FTIR and DLS were 

employed to detect polymer-related changes. 

Our results highlight the significance of the time factor in the process of PE biodegradation. The first 

30 days of incubation were crucial to the evolution of the system parameters. Between inoculation 

and the first sampling, viable cell concentrations increased in all treatments. With the exception of 

microcosms containing HDPE incubated with the Souda community, that increase was intense and 

statistically significant. As expected, the highest cell concentrations were recorded for the acclimated 

Agios community, regardless of polymer type used as a substrate (Syranidou et al., 2017c). Cell 

abundances which initially increased and decreased over time were estimated indirectly via the 

measurement of increased protein concentrations during the biodegradation of LDPE by bacterial 

strains (Yans et al., 2018). The elevated cell abundances were consistent with the high protein 

concentrations noted at the same sampling. In microcosms containing HDPE secondary MPs, the 

highest protein concentrations were also achieved after 30 days of incubation. 

Between the first and the 30th day, the most severe changes in FTIR indices were also observed. 

Increases of FTIR indices similar to those shown here have been reported previously during 

biodegradation experiments (Manzur et al., 2004; Sangeetha Devi et al., 2015; Sudhakar et al., 2008; 

Yans et al., 2018). It appears that the branched molecular structure of LDPE, which facilitated the 

incorporation of oxygen atoms in the polymeric chain during the irradiation period (Chamas et al., 

2020; Martínez-Romo et al., 2015), also made it easier for the keto carbonyl bonds to dissolve. The 

increase in VBI can also be connected to the creation of oligomers with terminal C=C bonds via the 

Norrish II mechanism (Eyheraguibel et al., 2017). The decrease of the majority of the indices over 

time can be an indication of weathered polymer consumption by the marine communities. This idea 

is reinforced by the FTIR spectra (Figure 3.3), where the hydroxyl peak of the material used for 

incubation is less prominent after 90 and 120 days. Changes of FTIR indices during the 

biodegradation of LDPE have been reported before (Harshvardhan and Jha, 2013), while increase of 
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vinyl bonds was related to the biodegradation of a mixture of plastics by marine communities 

(Syranidou et al., 2019a). 

Comparison of all index values for the Souda and Agios communities reveals that changes occurring 

as a result of incubation with the Agios community were gradual and more stable, while those from 

the Souda community tended to be more dynamic. This result indicates that the biofilm produced 

from the already acclimated Agios community was more stable, and therefore more predictable and 

suitable for long-term incubation of samples, with the purpose of polymer mineralization (Sudhakar 

et al., 2008). The Agios community, previously developed and successfully employed by the authors for 

the biodegradation of naturally weathered polyethylene and polystyrene samples, has been found to 

contain elevated abundances of the alkB gene (Syranidou et al., 2017a, 2017c). The presence of 

hydrocarbon-degrading microorganisms containing the alkB gene has been linked to the potential 

biodegradation of plastics (Delacuvellerie et al., 2019). 

 

3.5.2. Nanoplastics Generation and Fate 

Incubation of secondary MPs with the two marine communities also resulted in the generation of NPs 

in the seawater. Τhe size of the detected nanoparticles was consistently lower than the cutoff of the 

filter used to separate the secondary MPs to be included in the experiment (250 μm). In detail, NPs 

with size ranging from 56 nm to 355 nm were detected after 30 days of incubation in the seawater of 

the three out of the four microcosms, supporting the scenario of biofragmentation of PE secondary 

MPs. It is important to mention that no NPs were detected in the seawater from the abiotic controls 

at the beginning of the experiment or after 120 days of incubation in the dark. It is, therefore, not 

possible to attribute the generation of NPs to photodegradation or mechanical stress. 

Biofragmentation is a depolymerization step which includes the catalytic cleavage of already 

degraded MPs into smaller units (Amobonye et al., 2021). These intermediate materials are low 

molecular weight fragments such as monomers and short-chain oligomers. For example, linear 

alkane hydrolysis products due to PE biodegradation have been detected while the carbon chain 

length differed depending on the species of bacteria (Montazer et al., 2018). These compounds can 

be classified as NPs if their larger dimension is below 1 μm (Gewert et al., 2015b; Sorasan et al., 2021). 

Moreover, surface corrosion of the MPs takes place following microbial adhesion on the surface 

(Montazer et al., 2018). 

The presence of NPs was more prolonged and the fragments were smaller in microcosms containing 

HDPE secondary MPs as carbon source. Given the chemical structures of LDPE and HDPE, that was 

unexpected. This result is linked to the fact that after incubation both the KCBI and the ECBI of HDPE 
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MPs were consistently higher than those of LDPE microplastics (Bardají et al., 2020). The dissolution 

of carbonyl bonds within the polymeric structure could be the mechanism behind chain scission and 

the subsequent production of NPs (I. Ali et al., 2021; Zeenat et al., 2021). Depolymerization occurring 

during chain scission is considered to initiate assimilation of the short-chain oligomers to complete 

mineralization (Choe et al., 2021). That implies that NP particles could have been produced in the 

LDPE microcosms, as a result of the removal of branches of the polymer chain. However, they could 

not be detected during DLS analysis, as they had been consumed by the bacteria in the seawater. This 

observation is similar to the fate of byproducts from the biodegradation of petroleum hydrocarbons 

in the marine environment. 

The occurrence of NPs in the natural environment has been extensively highlighted, including the 

potential toxic effects on biota (I. Ali et al., 2021; Alimi et al., 2018; Alprol et al., 2021; Chae and An, 

2016; Cole and Galloway, 2015; Mattsson et al., 2018). Despite the ever-increasing number of studies 

on NPs, research of their generation is completely novel. That can be attributed to the fact that this 

phenomenon has been mostly ignored until now. Moreover, the development of standardized 

protocols is of utmost importance. The effect of organisms on their production and fate has not been 

elucidated yet. Understanding of the sources and production of NPs through studies like this, would 

provide further insight on the impacts that might occur from their presence in the environment. Thus, 

a wide spectrum of studies should be completed, in order to identify the processes and mechanisms 

that govern the generation of secondary nanoparticles under various environmental conditions. 

3.6. Concluding remarks 

The presence of plastics of all scales in the environment has been linked to a number of processes 

and interactions, which have not been fully studied despite the ever-increasing volume of relevant 

publications. This work presents the potential for secondary MPs colonization and subsequent 

biodegradation by marine communities, by demonstrating their proliferation in microcosms with 

HDPE and LDPE as the sole carbon source. Structural changes on the surface of the polymers were 

consistent with biodeterioration, while the products of biofragmentation were for the first time 

identified as nanoplastics due to microbial activity. Always keeping in mind, the implications that 

might arise from the increased toxicity of nanoplastics, this work aspires to constitute a stepping 

stone toward the biological mitigation of the plastic pollution problem. Finally, it is crucial that efforts 

be made to understand and include the microbially produced NPs in the plastic mass balance models. 
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Chapter 4. Intertwined synergistic abiotic and 

biotic degradation of polypropylene pellets in 

marine mesocosms 
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4.1. Abstract  

The accumulation of plastic waste in the oceans has caused growing concern for its effects on marine 

life. The interactions of plastics with environmental factors have been linked to fragmentation to 

micro- and nanoparticles with different properties and consequences, but the mechanism of 

fragmentation has not been fully understood yet. In this work, we investigate the combined effect of 

biotic and abiotic factors towards the degradation of virgin and artificially weathered polypropylene 

(PP) pellets after a long-term incubation period in marine mesocosms. The surface chemical 

alterations and deterioration of the polymer, in conjunction with the attachment and evolution of 

marine bacterial communities, the development of biofilm and exopolymeric substances (EPS), as 

well as the colloidal properties (zeta-potential and hydrodynamic diameter) of the mesocosms were 

studied. The surface area of both types of pellets decreased over time, despite no concrete weight 

change being observed. Cell growth, EPS production and colloid particle size were correlated to the 

loss of area. Therefore, we propose that surface area could be effectively monitored, instead of weight 

loss, as an alternative indicator of polymer degradation in biodegradation experiments. Changes in 

the chemical structure of the polymer, in addition to the evolution of the biological factors, implied 

that a complex degradation process alternated between two phases: an abiotic phase, when UV 

irradiation contributes to the deterioration of the polymer surface layers and a biotic phase, when 

marine communities degrade the weathered polymer surface to reveal the underlying layer of virgin 

polymer. Finally, microscopic particles, produced as a result of the decrease in pellet area, promoted 

the aggregation of colloidal particles. The role and impacts of these colloidal particles in marine 

ecosystems are yet as unidentified as that of micro- and nano-sized plastic particles and call for 

further investigation. 

 

4.2. Introduction 

Plastic production has been constantly increasing since the introduction of bakelite more than a 

century ago. The worldwide production of plastics in 2019 was 368 Mt, while 57.9 Mt were produced 

in the EU alone. In 2018, 25% of the 29.1 Mt of post-consumer plastic waste collected in the EU was 

not recycled or used for energy recovery (PlasticsEurope-Association of Plastics Manufactures, 

2020), but was led to landfills, eventually contributing, along with other land-based sources, to 80% 

of the plastic pollution of the marine environment (Jambeck et al., 2015; Koelmans et al., 2014). The 

resulting accumulation of plastics floating in the ocean has been estimated between 93-236 thousand 

metric tons (Van Sebille et al., 2015) and it has been predicted that it will continue accumulating, 

until action is taken to reduce the production of plastics and plastic waste (Ellen MacArthur 
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Foundation, 2017).  

The residence of plastic polymers in the marine environment can lead to their physicochemical 

degradation and subsequent fragmentation, under the effect of solar radiation, heat, mechanical 

stress, and biological factors (Alimi et al., 2022a). Thus, secondary particles are produced: 

microplastics with diameter smaller than 5 mm (Andrady, 2011; Arthur et al., 2009), and 

nanoplastics, typically smaller than 1000 nm (Bergmann et al., 2015; Gigault et al., 2018).   

There has been growing evidence of the adverse effects of microscopic plastic particles on marine 

biota, either by damaging them physically, or due to their intrinsic toxicity and sorption of heavy 

metals and organic compounds (Chae and An, 2016; Sana et al., 2020). Micro- and nanoplastics are 

characterized by high surface-to-volume ratios, which allow for attachment and prosperity of marine 

organisms. Thus, new, complex ecosystems, called the “plastisphere”, are created, suggesting that the 

impacts of plastics may not be entirely negative (Wright et al., 2020; Zettler et al., 2013). The 

composition, functions and interactions within the plastisphere are currently being investigated 

(Amaral-Zettler et al., 2020; Roager and Sonnenschein, 2019), with the intention of identifying 

organisms with the capacity to biodegrade plastic polymers (Matjašič et al., 2021). The presence of 

microbial biofilm on the surface of three types of oil-based plastic polymers has been found to induce 

changes in crystallinity, stiffness and surface roughness of the plastics, even after a 2-week period of 

time (McGivney et al., 2020). Very recently, the extracellular production of reactive oxygen species 

(ROS) by the marine bacterial genus Alcanivorax was found to potentially result in oxidation of PE 

samples, much like abiotic weathering (Zadjelovic et al., 2022). 

The presence of plastic in the ocean has recently been associated with increased concentrations of 

dissolved organic carbon. At the same time, biological processes, such as biofilm attachment or 

aggregation, can affect the mobility of microscopic plastic particles, and therefore, the forms of 

bioavailable carbon in the water column (Karkanorachaki et al., 2021; Oriekhova and Stoll, 2018; 

Praetorius et al., 2020).  

Despite the fact that weathering has been identified as a parameter that should be included in micro- 

and nanoplastic studies, it is rarely considered (Alimi et al., 2022a). Also, the properties of secondary 

micro- and nanoplastics differ greatly from the parent particles as well as engineered nanoparticles 

that are commonly used for the study of their behavior in the marine environment (Gigault et al., 

2021). The use of uniform spherical polystyrene beads (Chen et al., 2018; Galgani et al., 2019; Mao et 

al., 2020; Shiu et al., 2020) acts as a step towards shedding light to the processes occurring in actual 

marine conditions. More realistic samples which include secondary micro- and nanoplastics, have 

barely been used (Kaiser et al., 2019).  
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The purpose of this work was to monitor and investigate the fate of microplastics in the marine 

environment. In contrast to most relevant literature, we study the weathering of microplastics as the 

combined effect of abiotic (UV radiation) and biotic (biofilm) factors. UV radiation is not the sole 

factor determining abiotic degradation; it is, however, of the utmost importance. Temperatures in 

the marine environment are low, and therefore, thermodegradation is not expected to play a 

significant role in the degradation process. At the same time, C-C backbone polymers lack 

heteroatoms in their polymeric chain, and therefore, hydrolysis is not expected to greatly contribute 

to their degradation, unless prior photodegradation has occurred (S. S. Ali et al., 2021; Gewert et al., 

2015a). Mechanical fragmentation does occur in the marine environment, if it is very close to the 

shoreline, however, prior exposure to UV radiation intensifies its effect (Song et al., 2017b). The 

novelty of this work also entails the use of production pellets, as opposed to easily degrading 

microbeads or thin films, in the sense that size-wise they are closer to the items usually found in the 

marine environment. More specifically, virgin and artificially weathered polypropylene (PP) pellets 

resided in marine mesocosms for 6 months, while the polymer changes and the interactions between 

the PP pellets and microorganisms were examined throughout this period. The selection of PP was 

made based on its high demand of almost 10 Mt in the EU in 2019. This polymer type is most 

commonly used for packaging, and it constitutes a large portion of the annually produced plastic 

waste ending up in the oceans (Plastics Europe, 2020). Due to its chemical structure, PP is considered 

as highly resistant to biodegradation (Gewert et al., 2015). In these mesocosm experiments the time-

dependent removal of weathered layer from the surface of the pellets was monitored. A consecutive 

pattern has been observed whereby the weathering of polymer surface is followed by the removal of 

the weathered polymer layer by microorganisms until the layer of virgin polymer is revealed and 

then the process is repeated with the weathering of the polymer surface. This process was studied in 

correlation with biological parameters in order to determine the fate of the secondary particles 

produced and the role that secondary micro- and nanoplastics play in the formation of marine 

aggregates. 

 

4.3. Materials and Methods 

4.3.1. Experimental Setup 

Additive free polypropylene (PP) production pellets acquired from Plastika Kritis S.A. (Heraklion, 

Greece) were used for this experiment, as is (virgin) or following artificial aging (weathered). For 

accelerated weathering, the pellets were subjected to ultraviolet radiation for 4 months inside a 

metal box with reflective walls. The 6 Philips TUV 8W FAM/10X25BOX lamps used for that purpose 
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emitted light in the area 240-260 nm (UV-C). During the irradiation period, the pellets were mixed 

on a weekly basis, to ensure consistent weathering of the surface of all the pellets. The box was 

ventilated to avoid temperature rise and the consequent aging due to thermo-oxidation. The 

radiation levels, as well as the temperature were monitored using a HOBO Temperature Light 3500 

DP Logger. 

Two glass tanks were placed in a sheltered outdoor location at the Technical University of Crete 

campus (35.533369, 24.070092) from October 2019 to April 2020. A six-month period was 

considered an adequate interval of time, based on the duration of similar experiments from the 

literature. With the exception of Brandon et al. (Brandon et al., 2016) and Biber et al. (Biber et al., 

2019), similar natural UV exposure experiments lasted between 2 and 6 months (Cai et al., 2018; 

Kalogerakis et al., 2017; Karlsson et al., 2018; Mao et al., 2020; Zhu et al., 2020). Following collection 

at Souda bay (35.500161, 24.062723), 40 L of seawater were filtered through a 250 μm mesh 

plankton net and placed in each tank. Water quality parameters were measured and used as baseline. 

A total of 10 g of virgin and 10 g of weathered (approximately 500 particles) pellets were placed in 

the designated mesocosms (“virgin mesocosm” and “weathered mesocosm”). At the beginning of the 

experiment, the average Feret diameter of the virgin and weathered particles used was 4.13 ± 0.17 

mm and 4.11 ± 0.15 mm, respectively. Prior to placement in the mesocosms, the pellets were 

sterilized using a 70% solution of deionized water - ethanol (completely denatured with 1% Ethyl 

methyl ketone, 1% isopropyl alcohol, 1 g/100 L Denatonium benzoate, Merck). Aeration, as well as 

water circulation, were achieved by using 3 air-stones attached to a fish tank air-pump in each tank 

(Sera Diaphragm pump Air 275). Air flow was modulated constantly to achieve dissolved oxygen 

values according to the measured baseline. Radiation and temperature in each tank and the 

surrounding environment were logged using a HOBO Temperature Light 3500 DP Logger. Water loss 

due to evaporation was consistently restored to the initial volume of 40 L, using deionized water, in 

order to maintain the salt content of the mesocosms. Water loss due to evaporation was consistently 

restored to the initial volume of 40 L, using deionized water, in order to maintain the salt content of 

the mesocosms. 

Monitoring of the water evaporation and aeration and any adjustments needed (deionized water 

addition, air-pump or air-stone replacements) were performed on a daily basis. Water temperature, 

pH, total suspended solids (TSS) and the electrical conductivity (E.C.) were measured weekly. The 

rest of the water quality parameters were analyzed on sampling days. Nutrients were added, if 

necessary, when nitrate depletion was observed to reach the baseline values determined for the 

seawater exactly after the mesocosms were installed. Nutrients were added in the form of a 10:1 
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KNO3 and KH2PO4 solution until the concentration of nitrates reached the baseline level. The 

experimental procedure flowchart can be found in Figure S1. 

 

4.3.2. Sampling and Sample Preparation 

At the end of each month, 40 pellets were removed from each tank. The pellets were washed in 15 

mL falcon tubes containing a solution of 10 mL of deionized water and 5 drops of Tween80 (removed 

biofilm from pellets) and placed on a mechanical mixing table (120 rpm). After 3 days, the pellets 

were removed, and gently scrubbed with a soft toothbrush for the removal of any residual biofilm 

traces. Washing with deionized water was performed for the removal of residual Tween80, followed 

with washing with >98% ethanol for dehydration. Next pellets were dried at 45 oC for 3 days. The 

removed biofilm from pellets was stored at -20oC for further analysis, while the clean pellets were 

placed in aluminum jars.  

During each sampling, 50 mL of liquid from the center of each tank were also collected (water 

column), to be used for further analysis (nutrient and protein concentration, dynamic light scattering, 

zeta potential and hydrodynamic particle diameter). 

 

4.3.3. Dynamic Light Scattering 

Dynamic light scattering (DLS) was employed to investigate the presence of micro- and nanoplastics 

in the water column. Analysis was performed with a SALD-7500nano particle analyzer (Shimadzu, 

Japan). Seawater (5 mL) from the mesocosms was examined on sampling days, in terms of volume 

and number of particles using the WingSALD II version 3.1.1 software. The samples were filtered 

through the same 250 μm mesh plankton net initially used for the seawater to remove large 

suspended particles. Fresh seawater was used as a blank sample. The Refractive Index value for PP 

was set to RIPP = 1.49. Calibration of the instrument was performed with 20 μm, 100 μm, 200 μm and 

500 μm polystyrene beads (NIST traceable size standards 3000 Series, Thermo Scientific) prior to 

analysis. The zeta-potential of water column samples from the mesocosms was examined as a 

measure of the stability of any colloidal formations, as well as the hydrodynamic diameter of the 

existing colloids. Measurements were performed at a temperature of 25 oC on a Nano ZS90 ZetaSizer 

(Malvern Instruments Ltd., UK), using the DTS1070 and DTS0012 disposable cuvettes for zeta-

potential and size measurements, accordingly. The Refractive Index value was set to RIcolloids = 1.18 

(Stramski and Woźniak, 2005). A 1 L beaker of seawater was incubated in the same conditions as the 

mesocosms for the same period as the mesocosms and the zeta potential and hydrodynamic diameter 

of the colloid particles were measured, to determine the contribution of PP particles to the 
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aggregation process. 

4.3.4. Biological Measurements  

Biofilm attachment was quantified by staining the surface of 3 pellets with Crystal Violet (1% 

aqueous solution, Sigma-Aldrich), as already described (Lobelle and Cunliffe, 2011). Protein 

measurements were used as an indicator of the exopolymeric substances (EPS) produced during the 

formation of biofilm on the polymeric surfaces. The concentration of proteins in water column 

samples, as well as in the removed biofilm from pellets samples were measured monthly, as a 

complementary biofilm quantification method. A volume of 20 μL of sample was added in a 

disposable cuvette containing 1 mL of Quick Start™ Bradford 1x Dye Reagent (Bio-Rad, USA). After 

30 minutes of incubation in the dark, the optical density of the solution was measured at 595 nm. 

Concentrations were quantified using a freshly made bovine serum albumin (BSA) standard curves 

(0-500 μg/mL). All optical density measurements were performed on a Shimadzu Uvmini-1240 

spectrophotometer. The number of cells in the plastisphere was studied using flow cytometry. The 

cells were harvested by centrifugation (13.2 rpm for 20 min), resuspended in 1 mL of phosphate 

buffer solution (PBS, 0.1 M, pH=7.4), and fixed with methanol-free formaldehyde (final concentration 

of 4%) for 15 min. Following washing with excess PBS and an additional centrifugation step (13.2 

rpm for 20 min), the cells were resuspended in 998 μL of PBS. The samples were stained with 2 μL of 

1X Thiazole Green (10,000X Biotium) and incubated in the dark for 20 min, before being analyzed 

with a Beckman-Coulter CytoFLEX flow cytometer. Instrument gain for analysis was set to FSC = 300, 

SSC = 150, FITC = 50 and the primary threshold level was set to SSC = Automatic. Samples were 

measured at a flow rate of 30 μL/min and the measurement was terminated once 10.000 events had 

been recorded. A blank sample of 998 μL of PBS stained with 2 μL of 1X Thiazole Green was used for 

the elimination of background noise. 

4.3.5. ARISA PCR 

DNA was extracted in duplicates from the removed biofilm from pellets and water column samples, 

using the CTAB protocol for the extraction of bacterial genomic DNA (Moore et al., 2004). The isolated 

genomic DNA was resuspended in 50 μL TE buffer and the DNA concentration was measured on a 

Qubit 4.0 fluorometer (Invitrogen, Thermo Fisher Scientific, USA), using the Qubit dsDNA high 

sensitivity assay. The investigation of the community diversity between samples was evaluated by 

automated method of ribosomal intergenic spacer analysis (ARISA) PCR. The ITS1 region of rRNA 

was amplified using the ITSF (5-GTCGTAACAAGGTAGCCGTA-3) and ITSReub (5-

GCCAAGGCATCCACC-3) primers, which target the 16S-23S rRNA intergenic transcribed spacers 

(Cardinale et al., 2004). PCR was performed using the KAPA HiFi HotStart PCR Kit (Kapa Biosystems, 
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USA), in a 25 μL mixture containing 0.75 μL of deoxynucleotide triphosphates, 0.75 μL of each of the 

forward and reverse primers, 0.5 μL KAPA HiFi HotStart DNA Polymerase (1 U/µL), 5 μL KAPA HiFi 

Fidelity Buffer (5X) and 1-5 μL DNA (depending on the measured concentrations). The cycling 

conditions for the PCR reaction were: one denaturation phase at 95 ̊ C for 3 min, followed by 40 cycles 

at 98 ˚C for 20 s, 65 ˚C for 15 s, 72 ˚C for 2 min, and a final extension at 72 ˚C for 4 min. The PCR 

product along with the 15/1500 bp markers and the ladder contained in the Agilent DNA 1000 Assay 

Kit was loaded on a DNA 1000 chip (Agilent Technologies, Belgium). The chip was run on an Agilent 

2100 Bioanalyzer. 

4.3.6. ATR-FTIR 

The chemical structure of the pellet surfaces over time was examined by studying the functional 

groups, using Attenuated Total Reflection – Fourier-Transform Infrared spectroscopy (ATR-FTIR). 

Analyses were performed on a Nicolet™ iS50 FTIR Spectrometer equipped with a diamond ATR 

accessory (Thermo Scientific, USA). Spectra were obtained with Thermo Scientific’s OMNIC software. 

Four clean pellets from each tank were examined from two sides every month. Spectrum acquisition 

was done after 32 scans for absorbance numbers between 4000 and 400 cm-1, with a scan resolution 

of 4 cm-1. A background scan was performed at the beginning of each session and repeated after 

approximately 30 minutes, to ensure the quality of the acquired spectra. Changes of the surface 

chemical structure were monitored by the calculation of a number of indices related to the 

degradation of plastic polymers, namely the keto carbonyl (KCBI), ester carbonyl (ECBI), vinyl (VBI) 

and carbonyl (CI) indices (Albertsson et al., 1987; Rajakumar et al., 2009). The index values were 

calculated from the peak intensity at specific wavenumbers (Ixxxx), as shown in Table 4.1.  

 

Table 4. 1: Calculation of indexes from ATR-FTIR spectra absorbance values. 

Index Calculation Formula 

keto carbonyl (KCBI) KCBI =
I1715

I974

 

ester carbonyl (ECBI) ECBI =
I1740

I974

 

vinyl (VBI) VBI =
I1640

I974

 

carbonyl (CI) CI =
I1740

I1460
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4.3.7. Pellet Weight and Area Measurements 

A total of 10 sets of virgin and 10 sets of weathered pellets, each set consisting of 5 pellets, were 

weighed prior to placement in the mesocosms using a 5-digit digital laboratory scale. From these 

measurements, the average gravimetric weight for one individual pellet, as well as the standard 

deviation, were calculated. After each sampling the collected pellets were randomly separated in 

groups of five and weighed. The averages and standard deviations were calculated and statistically 

analyzed. Washed pellets were photographed using a Leica MC190HD camera attached to a Leica 

MZ7s stereoscope. The diameter of all collected pellets was measured using ImageJ version 1.52i 

version and the area was calculated using the surface area equation for a sphere (πD2). 

4.3.8. Data analysis 

Statistical analysis, as well as the principal component analysis (PCA) were carried out using R 

version 4.0.0 (R Core Team, 2021) in the environment R Studio version 1.3.959. Shapiro-Wilk’s test 

was used for the examination of data normality and subsequently the Kruskal-Wallis non-parametric 

test was applied for the detection of statistically significant differences between samples. Correlation 

matrices were created using the cor.mtest function, while correlation plots were created using 

corrplot (Wei, T. and Simko, 2017).  

The analysis of ARISA fragments was performed using the Bioanalyzer software. Fragments that 

differed by less or equal to 3 bp were considered identical and fragments with Fluorescence Units 

over 150 were considered for further analysis (Ramette, 2009). PCA of the biofilm communities was 

performed using the function prcomp and fviz_pca from the package “factoextra” (Kassambara and 

Mundt, 2020). Ellipses in the PCA graph grouped the different treatments with a confidence level of 

0.95. Data visualization was implemented using the ggplot2 package. 

 

4.4. Results 

4.4.1. Mesocosm seawater characterization 

The state of the water column in the emulated pelagic zone was assessed through the examination 

of the following parameters. 

4.4.1.1. Radiation and Water Quality Measurements 

Radiation monitoring revealed that the virgin mesocosm was exposed to a total of 1.33 x 107 Lux of 

radiation throughout the experiment, while the weathered mesocosm to 1.56 x 107 Lux. The results 

of the water quality parameter measurements prior to nutrient supplementation are shown in 

Table S1. 
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4.4.1.2. Nanoparticle detection – Light Scattering 

Monthly examination of mesocosm seawater samples did not reveal the presence of plastic particles 

in the nano- (<1 μm) and micro- (<1 mm) scale.  

4.4.1.3. Zeta-potential and Colloid Hydrodynamic Diameter  

The absolute values of zeta-potential (Figure 4.1a) in mesocosms were higher than the seawater (7.2 

± 0.8 mV) throughout the experimental period. After a constant increase of 150 days, a maximum 

value of 16.2 ± 0.5 mV was observed in the mesocosm seawater samples from the virgin mesocosm 

followed by a decrease to 11.9 ± 0.9 mV. The zeta-potential in the weathered mesocosm also 

increased for 120 days to reach a maximum of 14.0 ± 0.4 mV. Zeta-potential in the weathered 

mesocosm reached a value of 11.0 ± 1.1 mV at the end of the experiment. The zeta potential of the 

control sample containing no PP pellets at the end of the experiment was -7.4 ± 0.346 mV.  

Marine colloids are organic or inorganic particles present in the marine environment with 

dimensions large enough to possess supermolecular structure and properties, but at the same time 

small enough to sediment quickly in the absence of aggregation (Buffle et al., 1998). The 

hydrodynamic diameter of marine colloids contained in the system consistently increased in both 

mesocosms as shown in Figure 4.1b. Interestingly, for the first 60 days of the experiment, the two 

mesocosms followed almost identical patterns, and differentiated afterwards. During the last 30 

days, the hydrodynamic diameter of colloid particles decreased in both treatments, achieving final 

values of 1437.0 ± 174.5 nm and 1150.0 ± 204.0 nm in the virgin and weathered mesocosm, 

respectively. The hydrodynamic diameter of marine colloids in the control sample not containing PP 

pellets on the 180th day was 442.7 ± 97.3 nm. 
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Figure 4. 1: (a) Zeta-potential in the water column samples of the virgin and weathered mesocosm over time, (b) 

Hydrodynamic diameter of colloid particles in the mesocosm seawater samples of the virgin and weathered mesocosm 

over time. 
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4.4.2. Free living and plastic colonizing microbial communities in the mesocosms 

4.4.2.1. Biofilm Development  

Biofilm was detected on the surface of the pellets - 30 days after the initiation of the experiment 

(Figure 4.2). The absorbance values fluctuated with time in both mesocosms. Even though the 

absorbance was consistently higher in removed biofilm from weathered pellets samples; however, 

no statistically significant differences were observed. More specifically, an initial increase from the 

value of 0.50 ± 0.042 on the surface of the virgin pellets to a maximum value of 1.10 ± 0.343 over the 

first 30 days was followed by a decrease to 0.66 ± 0.210 for the next 60 days. The observed 1.05 ± 

0.55 of day 150 finally regressed to 0.87 ± 0.426 at the end of the experiment. Similarly, for weathered 

pellets, an absorbance of 0.86 ± 0.280 was measured after 30 days. A steep increase to 1.88 ± 0.480 

was observed on the 60th day, reaching 1.97 ± 0.242 on the 90th day. After 120 days the minimum 

absorbance value of 0.84 ± 0.279 was measured, wherefrom the maximum value of 2.04 ± 0.896 of 

the final measurement was achieved after 60 days.  

  

Figure 4. 2: Biofilm accumulation on pellet surfaces over time, as indicated by the absorbance (optical density) of Crystal 

Violet- stained samples. 

An estimation of the EPS within the biofilm and in the mesocosm seawater was performed by 

measuring the protein concentrations on the surface of the pellets, as well as in the seawater samples 

respectively. After the initial attachment, the proteins on the pellet surfaces were mostly stable, 

regardless of weathering degree, ranging between 961.6 – 1071.0 μg/cm2 on the virgin and between 

1250.9 – 1537.4 μg/cm2 on the weathered pellets (Figure S2). Interestingly, both maximum values 

were observed after 150 days of incubation. Despite the absence of statistically significant differences 
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between the two mesocosms, the consistently higher protein concentration on the weathered pellets 

is in agreement with the aforementioned biofilm measurements. A gradual increase of protein 

concentrations in the seawater samples was noticed (Figure S3); from the initial 319.1 μg/mL of the 

seawater used for filling the tanks, to 527.8 μg/mL and 562.2 μg/mL in the virgin and weathered 

mesocosm, respectively. It can be seen that the protein concentrations in the weathered mesocosm 

are consistently higher than the virgin mesocosm, in agreement with the previous biofilm and protein 

measurements. 

4.4.2.2 Cell Concentration and Community Diversity 

Given that sufficient time for acclimatization, biodegradation of C-C backbone plastics within marine 

biofilm matrices is possible (Syranidou et al., 2017, 2019), the number of sessile cells is an important 

factor in the polymer deterioration process. Initial biofilm attachment was accompanied by the 

growth of 1.01x107 and 2.15x107 cells/cm2 on the surface of the virgin and weathered pellets, 

respectively (Figure 4.3). The slight reduction of cells observed after 60 days of incubation (5.02x106 

cells/cm2 for virgin and 7.35x106 cells/cm2 for weathered pellets) was followed by gradual increase 

in the last 30 days of the experiment, despite the marginal decrease observed in the virgin mesocosm 

(1.06x108 cells/cm2 for virgin and 6.26x107 cells/cm2 for weathered pellets). Quantification of free 

cells in the mesocosm revealed them to be significantly lower. Starting from 2.2x103 cells/mL in the 

seawater initially used, they increased up to 1.8x104 cells/mL and 5.6 x104 cells/mL for virgin and 

weathered pellets, respectively. 

 

Figure 4. 3: The number of cells on the surface of the pellets from the two mesocosms over time. 
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The composition of the community was compared using non-metric multidimensional scaling 

(NMDS) in terms of time (first 3 versus last 3 months), as well as the surface condition of the pellets 

acting as a substrate. The analysis was performed in two stages: first for the samples from the 

mesocosm seawater, to assess the free-living communities, and the biofilm which was removed from 

the pellets, and then for the biofilm samples alone. It was revealed that 6 months was not sufficient 

time for the planktonic and biofilm communities to differentiate in a substantial manner (Figure S7a). 

The samples from the second half of the experiment are more dispersed, indicating separation of the 

community from the one initially added. However, no statistically significant differences can be 

observed between the two groups (Figure S7b). When pellet weathering is used as a separating 

factor, it can be noted that planktonic and biofilm communities are overlapping, irrespective of pellet 

substrate weathering (Figure S7c). When the biofilm communities are examined separately, a distinct 

clustering exists and the difference between the two sets of samples are statistically significant 

(Figure S7d). Therefore, the non-metric multidimensional scaling comparisons provided indications 

that polymer weathering can act as a driving force for community evolution.  

4.4.3. Polymer Properties 

4.4.3.1. ATR- FTIR 

An incubation period of 60 days in the mesocosm resulted to drastic oxidation of the surface of virgin 

PP pellets (Figure 4.4a and Figure S4). The broad peak between 3600 and 3000 cm-1 is attributed to 

the O-H stretching from the introduction of hydroxyl groups (OH) on the chemical structure of PP. 

The peaks at 1642 cm-1 and 1150 cm-1 correspond to the C=O stretching, and to C-O bond stretching, 

respectively. After 90 to 120 days of incubation the peaks were still present, however less 

pronounced, while at the end of the experiment the polymer structure was closer to that of the virgin 

polymer of day 0. The FTIR Indices calculated for the virgin pellets (Figure 4.5) confirm that there 

were changes in the chemical structure of the surface of the polymer not only between the start and 

the end of the experimental period, but also between days 90 and 180. It can be observed that the 

differences occurring during that time affected the indices related to carbonyl groups, namely KCBI, 

ECBI and CI (Figure 4.5a, 4.5b and 4.5d), in a statistically significant manner (p-value < 0.01).  

 



61 
 

 

Figure 4. 4: ATR-FTIR spectra on days 0, 60, 120 and 180 of: (a) virgin pellets; (b) weathered pellets. 
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Figure 4. 5: ATR-FTIR indices of virgin pellets over time: (a) Keto carbonyl bond index; (b) Ester carbon bond index; (c) Vinyl 

bond index; (d) Carbonyl index. Stars indicate significance levels: one star for p-values <0.05, two stars for p-values <0.01. 

The spectra for weathered samples (Figure 4.4b and Figure S5) reveal how mesocosm incubation 

affected the already changed structure of the pellets. The broad conjugated C=O stretching aldehyde 

peak at 1717 cm-1 was less pronounced after 60 days and was reamplified in the second half of the 

experiment, while it also became sharper over time. A C-O stretching ether band peak (1100 cm-1) 

was present on day 60, almost disappeared on day 180 and was again detected at the end of the 

experiment. The C=O stretching and C-O stretching peaks detected due to oxidation of the virgin PP 

pellets were present in the weathered pellet spectra, as well, but following a pattern similar to the 

1100 cm-1 peak; receding on day 120 to reappear at the end of the experiment. The tendency of the 

weathered pellets to return to the virgin state in the first half of the experiment, to then follow 



63 
 

oxidation patterns similar to the virgin pellets can be observed in Figure 4.6. KCBI, ECBI and CI values 

decrease until day 90 and then increase for the rest of the experimental period. VBI values, however, 

increase steeply in the first 30 days, decrease until the 90th day and then slowly increase again, 

indicating the accentuated presence of double bonds in the chemical structure of the pellet surfaces. 

From day 90 until the end of the experiment the polymer was substantially oxidized, similarly to the 

“virgin mesocosm” samples, as can be seen by the significance levels (p-values < 0.05) in Figures 4.6a, 

6b and 6d. Finally, it can be observed in Figure 4.6c that significant differences in VBI values exist not 

only between days 90 and 180 (p-value < 0.01), as happens with the rest of the indices, but also 

between days 0 and 30 (p-value < 0.05), 30 and 60 (p-value < 0.05) and throughout the experiment 

(p-values < 0.01). 

 

Figure 4. 6: ATR-FTIR indices of weathered pellets over time: (a) Keto carbonyl bond index; (b) Ester carbon bond index; (c) 

Vinyl bond index; (d) Carbonyl index. Stars indicate significance levels: one star for p-values <0.05, two stars for p-values <0.01. 
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4.4.3.2. Pellet Area and Weight  

Over the 180-day incubation period, the area of the virgin pellets decreased by 20.8%, while that of 

the weathered pellets 26.3% (Table 4.2). This decline occurred mainly in the first half of the 

experiment for the virgin pellets (14.9%), and during the second half (22.7%) for the weathered 

pellets. However, the weight of the pellets fluctuated throughout the 180 days. The individual weight 

measurements with the respective averages and the 95% confidence intervals can be observed in 

Figure S6. 

Table 4. 2: Average (n=10) single pellet area and weight over time. 

Time 

(Days) 

Area (cm2) Weight (mg) 

Virgin Weathered Virgin Weathered 

0 0.54 ± 0.045 0.53 ± 0.039 24.23 ± 0.979 22.53 ± 1.563 

30 0.51 ± 0.043 0.53 ± 0.091 25.06 ± 0.368 22.62 ± 1.046 

60 046 ± 0.076 0.52 ± 0.118 24.87 ± 1.126 23.44 ± 0.670 

90 0.46 ± 0.045 0.51 ± 0.123 - - 

120 0.45 ± 0.215 0.48 ± 0.131 24.92 ± 1.272 24.46 ± 0.450 

150 0.44 ± 0.101 0.42 ± 0.125 25.26 ± 1.251 23.10 ± 0.676 

180 0.425 ± 0.111 0.39 ± 0.101 24.97 ± 0.897 23.67 ± 1.005 

   

4.4.3.3. PCA – Correlations 

Principal component analysis was performed using 18 variables, corresponding to the parameters 

examined throughout the experiment: time (“Days”), O.D. after the application of Crystal Violet dye 

on the samples (“Crystal_Violet_OD”), protein concentration on the pellet surface and the water 

column (“Proteins” and “Proteins_Liquid”), number of cells, pellet area, pellet weight, FTIR indices,  

zeta-potential, colloid particle size, temperature, conductivity, dissolved oxygen, total nitrogen and 

NO3. The PO4 concentrations were omitted since the values were consistently below the detection 

limit. A total of 12 principal components (PC) were required for the explanation of the variance 

between the samples. The first three components, PC1, PC2 and PC3 contributed to the variance by 

40.1 %, 18.5 % and 14.8 %, respectively. Interestingly, a time-dependent sample clustering can be 

observed (Figure 4.7). The increased length of the vectors for the FTIR indices emphasizes the effect 

of radiation during the initial stages of incubation. Samples from days 90 and 120 overlap lower on 

the PC2 axis, while the samples from the last 60 days of the experiment cluster towards the direction 

of the biological parameter vectors. 
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Figure 4. 7: Principal component analysis biplot. 

The correlations between the aforementioned parameters reveal significant results (Figures S8a and 

S8b). The biological parameters are correlated with environmental factors and nutrient availability, 

more intensively in the weathered mesocosm. Even though in the virgin mesocosm the area of the 

pellets is negatively correlated to all of the biological parameters examined, nevertheless, in the 

weathered mesocosm the negative correlation only applies to the number of cells within the biofilm. 

In accordance with the PCA results (Figure 4.7), FTIR indices are not correlated to the biological 

parameters. Differences can also be observed upon the examination of the correlations of zeta-

potential and colloid particle sizes with the biological parameters; they are strongly correlated in the 

virgin mesocosm, but in a weaker manner than in the weathered mesocosm.   

 

4.5. Discussion 

The fate of virgin and artificially weathered PP pellets in the marine environment was studied in 

mesocosms. Micro- and mesocosm experiments can serve as valuable tools, especially when 

concentration measurements are involved, to overcome limitations arising from the infinite dilution 
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of microscopic particles in the sea. In the experiment described here, this was also facilitated by high 

concentrations of microplastics, which could, however, be potentially found in the sea, especially in 

the Mediterranean Sea, second to pollution only to the oceanic gyres (Suaria et al., 2018). A total of 

18 parameters related to the polymer, biological factors and the mesocosm seawater as well as their 

interactions were monitored, to comprehensively describe the degradation process and elucidate the 

interplay among these parameters.  

4.5.1. The fate of secondary microplastics  

The hydrodynamic diameter of the colloid particles in the mesocosm seawater increased over time, 

while the surface area of the examined pellets (computed as πD2) decreased due to solar radiation 

and the interaction with the attached cells (Rummel et al., 2017). It seems that the generated 

microparticles induce the formation of larger aggregates over time in the mesocosm seawater. 

Aggregation is generally considered a significant process that determines the fate of microplastics 

(MPs) in the aquatic environment (Besseling et al., 2017). In fact, two phases of the experiment (0-

90 days and 90-180 days) can be observed, where the colloid diameter is concerned, in line with the 

other measurements (number of cells in the biofilm and changes of surface chemistry). During the 

last 60 days of the experiment, the size of the colloid particles is higher than the corresponding one 

in the seawater used to fill the tanks for the virgin and weathered mesocosms. At the same time, it is 

noteworthy that during the period when the largest colloid particles can be detected in the water 

column, the zeta-potential is between -11 mV and -16.2 mV. Particle aggregation, however, is 

considered to be occurring spontaneously in the neutral range between -10 and 10 mV (Clogston and 

Patri, 2011). This counterintuitive observation could be attributed to the kinetic energy added to the 

mesocosms by the aeration system. According to the Derjaguin-Landau-Verwey-Overbeek (DLVO) 

theory (Verwey et al., 1946), this kinetic energy could assist the particles in overcoming the 

electrostatic repulsion energy barrier into the region where van der Waals attractive forces lead 

them to aggregate into larger particles. The post-aggregation zeta-potential decrease has been 

mentioned by Zhang et al. (2019), while the decrease in colloid hydrodynamic diameter observed in 

the last 30 days of the experiment is also consistent with the findings of Pacek et al. (2007), who 

noted the de-aggregation of silica agglomerates when particle size exceeded 3 μm.  

It can be safely assumed that micro- and nanoparticles were generated in the mesocosms and this is 

related to the area loss of the pellets (Ali et al., 2021; Andrady et al., 2019; Lambert and Wagner, 

2016; Mattsson et al., 2018; Piccardo et al., 2020; Song et al., 2017). The number of secondary MPs 

has been linked to the extent of aging of weathered fragments; the more aged pellets produce more 

particles when exposed to irradiation (Sorasan et al., 2022). However, sub-millimetric PP particles 
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could not be detected in the mesocosm seawater using dynamic light scattering particle analysis, 

which can be attributed to the low concentrations of the particles in the seawater (ter Halle et al., 

2017). The development of biofilm may act as photo-protective barrier (Rizzo et al., 2021). The 

produced MPs could have been retained inside the biofilm matrix immediately after their release 

from the pellets, thus not leading to an increase of their concentration due to degradation.  

Another and most probable reason might be that the secondary particles have been encompassed in 

the EPS from which the marine colloidal particles present in the liquid consist of, as part of the hetero-

aggregation process (Oriekhova and Stoll, 2018; Praetorius et al., 2020). In aquatic environments, 

several environmental factors such as pH, ionic strength and the presence of natural organic matter 

influence the behavior of microplastics and nanoplastics (NPs) and thus govern the extent of their 

aggregation potential (Sharma et al., 2021). High initial concentrations of nutrients and proteins were 

determined in the natural seawater used for the experiment. These concentrations can be traced back 

to the characteristics of the area from which the seawater was collected. Souda is an enclosed bay 

receiving the runoff of Moronis river passing through fertilized agricultural areas. The river transfers 

high loads of nitrogen enriching the ecosystem (Dasenakis et al., 2012). The higher levels of nutrients 

could pose the threat for eutrophication in the mesocosms. That did not occur, however, and it might 

have played a role in the rapid increased aggregation observed in the mesocosms. The process of 

aggregation can also be greatly affected by particle size. Alimi et al. (2022b) found that smaller 

particles (28 nm) tended to aggregate more effectively than larger ones (220 nm) in artificial 

seawater, natural water as well as in the presence of CaCl2 and sodium alginate. The marine EPS can 

interact with NPs leading to the formation of a diverse biomolecular coating on the surface of NPs, 

known as eco-corona and/or to the development of aggregates with entrapped NP particles (Junaid 

and Wang, 2021). The presence of plastic polymer nanoparticles, namely polystyrene and polymethyl 

methacrylate, has been found to assist the faster and more effective aggregation of organic matter in 

water samples and leads to the formation of microgels (Chen et al., 2018; Shiu et al., 2020). Moreover, 

the biofilm could induce the NPs generation as part of the biofragmentation process (Karkanorachaki 

et al., 2022) and these sticky particles have a high potential not only to interact with the existing 

aggregates but also to strongly contribute to the formation of new ones (Michels et al., 2018). 

Polystyrene nanoparticles have also been linked to higher polysaccharidic and proteinaceous gel 

concentrations in mesocosm experiments and the increased excretion of highly proteinic EPS 

(Galgani et al., 2019, Shiu et al., 2020), in accordance with the increase in protein concentrations in 

the seawater of both our mesocosms. This resulted in the entrapment of microplastics into the gel 

particulates, as proteins contain positively charged sections that are capable of interacting with the 
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negatively charged particles (Pradel et al., 2023). The incorporation of microscopic plastic particles 

in extracellular polymers, microgels and marine colloidal particles can lead to changes in size and 

density and subsequently the sinking velocity of the hetero-aggregates (Galloway et al., 2017; Kaiser 

et al., 2019, 2017; Kooi et al., 2017; Rummel et al., 2017). Thus, micro- and nanoplastics can be 

vertically transferred via the sinking of marine snow towards the seafloor (K. Kvale et al., 2020; K. F. 

Kvale et al., 2020; Porter et al., 2018). Having sunk, plastics can act as an additional bioavailable 

organic carbon source, stimulating microbial growth (Chae et al., 2020; Galgani et al., 2019; Romera-

Castillo et al., 2018; Zhu et al., 2020). As a result, the aggregation with organic particles could 

determine the fate of MPs by altering their sinking behavior (Leiser et al., 2020) as well as their 

ecological impact (Junaid and Wang, 2021). Due to the constant aeration of the tanks, settling was 

prevented and the observation of “marine plastic snow“ was not possible.  

Despite the area loss, it was not possible to detect weight reduction of the pellets. That could be 

attributed to the statistical calculation of the weight of the pellets described in section 2.7, which was 

dictated by the difficulty to individually identify each pellet for weighing before and after incubation. 

The behavior of the pellet weight also could be explained by the oxidation of the polymer, since the 

introduction of oxygen in the polymeric chain could lead to weight increase. Finally, salt crystals or 

biological material could be trapped in cracks or holes resulting from the degradation material. Thus, 

any weight decrease that might otherwise have been observed, could be offset by the additional non-

polymeric material. In order to avoid potential bias and at the same time, effectively estimate the 

surface process of polymeric degradation, we propose that area loss should be used instead of weight 

reduction as an indicator of polymeric degradation. Given the precision required for the 

quantification of such miniscule changes, analytical techniques, such as BET, should be further 

developed and applied. 

 

4.5.2. Effect of biofilm on the surface 

Weathered pellets were found to be more susceptible to biofilm attachment and development than 

their virgin counterparts. Variations in the extent of biofilm, observed for both the virgin and 

weathered pellets, indicate cycles of attachment and detachment, possibly due to the fact that the 

pellet surface is limited and cannot facilitate indefinite growth (Karkanorachaki et al., 2021). Cell 

numbers in the first phase (0-90 days) of the experiment are generally higher in the weathered 

mesocosm, but in the second phase, this situation is reversed. It is therefore evident that weathered 

pellets are initially the preferred substrate for cell growth. With time, virgin pellets are preferred 

instead. The surface of the virgin polymer is deteriorating with time which may facilitate cell 
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attachment in the same way as the weathered pellets at the beginning of the experiment. At the same 

time, the upper surface layer of the weathered pellets, which was damaged by the UV radiation and 

allowed for the sustainment of cells, is removed, thus revealing the virgin part of these pellets. The 

number of cells, which is strongly negatively correlated to the area of the pellets (r = -0.74 for the 

virgin and r = -0.84 for the weathered samples), supports this hypothesis. In general, increased 

biofilm quantities and cell growth were detected when the polymeric surface is most deteriorated 

which is consistent with the aforementioned hypothesis and supported by published literature 

(Rummel et al., 2017).  

Plastisphere communities are considered to be different from the free-living bacteria in the marine 

environment (Dussud et al., 2018; Frère et al., 2018), as well as from those developing on natural 

particles (Crespo et al., 2013). Our findings indicate that this is not always the case. When the samples 

were not segregated based on the weathering of the PP pellets provided as substrate, the 

communities attached on the surface of the pellets were not significantly different compared to the 

planktonic ones. This observation can be supported by the assumption that the time provided was 

not adequate for substantial community differentiation. The process of community acclimatization 

for plastic polymer biodegradation is a time-dependent process (Yang et al., 2020). Long 

acclimatization times are required by the marine communities before biodegradation begins, while 

on the other hand, the effects of the biotic and abiotic degradation demand time in order to be 

detectable. A six-month acclimatization period has been reported (Syranidou et al., 2017), which is 

equal to the total duration of our experiment. The diversity between marine communities on virgin 

and weathered pellets, however, confirmed that biofilm formation is also a substrate-dependent 

process (Yang et al., 2020). In the marine environment, where other processes which could delay the 

biofilm build-up or diminish the effect of solar radiation are present, these effects might be visible 

after periods of time longer than those reported here. For that reason, the degradation times of 

polymers have been placed on the scale of decades or even centuries (Chamas et al., 2020). 

Photooxidation acts as an effective pretreatment for the biodegradation of the highly resistant PP 

pellets (Aravinthan et al., 2016; Esmaeili et al., 2013; Roy et al., 2008). The chain scission and cross-

linking caused by the UV radiation counterbalance the presence of tertiary carbon atoms in the 

backbone of the polymer, therefore making it more susceptible to microorganisms. Furthermore, 

marine microorganisms have been found capable of producing reactive oxygen species (ROS), 

namely superoxide, upon incubation with PE, another polyolefin with a C-C backbone. It is speculated 

that interactions with ROS result in unspecific chain oxidation, similar to that occurring from abiotic 

weathering (Zadjelovic et al., 2022). Residence of virgin pellets in the marine mesocosm for 60 days 
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resulted in the alteration of the physicochemical properties of the surface (increase of all the FTIR 

indices). Carbonyl groups appear in the spectra, indicating abiotic degradation (Gewert et al., 2015). 

Increase in the values of the indices conveys the tendency of the virgin particles to converge with 

their weathered counterparts, possibly under the effect of natural light  (Veerasingam et al., 2020). 

The rapid decrease observed in the next 30 days suggests microbial consumption of the weathered 

layer. The oxidation process has been found to be limited to the upper surface layer of the polymer 

(Andrady et al., 2021). Therefore, we expect that a new “virgin” layer was exposed, allowing the cycle 

to recommence. This “consumption” phase coincided with the steep increase of the number of cells 

within the biofilm on the surface of the virgin pellets.  

The pattern of weathered layer consumption and re-weathering detected for the virgin pellets was 

observed in weathered pellet samples, as well. A decrease of all carbonyl-related indices can be 

detected over the first phase of the experiment (90 days). In the second phase of the experiment the 

indices increased anew. Additionally, during the first phase of the experiment, the number of biofilm 

cells was higher than that from the virgin samples. Therefore, the difference in community 

abundance is to a significant degree driven by the chemical structure of the pellet substrate, and more 

specifically by the weathering degree of the pellets (Yang et al., 2020). At the time of the first 

sampling, cell abundances are slightly higher in both biofilms from virgin and weathered pellets. That 

could be in part attributed to the assimilation of residual monomers in the case of virgin pellets 

(Klaeger et al., 2019), and low molecular weight compounds easily available after the irradiation of 

weathered PP pellets. When the monomers have been used up by the microorganisms, cell 

abundances in the biofilm attached to the weathered pellets are higher (60-90 days). Only after the 

virgin pellets had had sufficient time to be oxidized did the microorganisms actively resume 

multiplying in the biofilm attached to the initially virgin polymers. A combination of the larger surface 

area of the virgin pellets and the fact that recent oxidation would lead to higher concentrations of 

ready-to-assimilate low molecular weight products resulted in the higher cell densities observed in 

the second phase of the experiment. Two separate phases were identified that occur in a sequential 

manner: the initial polymer deterioration due to the interactions with the environment, followed by 

the removal of the degraded polymer layer by microorganisms and the exposure of a “new fresh” 

layer. The closed system design, as well as the limited duration of the experiment, could negatively 

affect the universality of our concluded timeframe. However, this is the first time that the two-phased 

pattern of weathering and consumption is reported, and the critical point in time for the observed 

phase shift to occur coincides on the 90th day in both mesocosms.  

Assuming the release of a plastic particle in the marine environment, a prolonged period of solar 
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irradiation, especially in conjunction with mechanical abrasion caused by waves, would result in 

alterations in the chemical structure and polymeric chain integrity. Biofouling removal from the 

surface of plastic particles while they remain in the marine environment (Karkanorachaki et al., 

2021), would also lead to additional exposure to solar radiation. Residence times of plastics in the 

sea have been estimated to be longer than 200 days (Hinata et al., 2017), much more than the 

approximately 90 days indicated by our findings to be needed for phase transition. Furthermore, 

beaching of a plastic particle at the end of the residence time, could accelerate the weathering process 

(Corcoran et al., 2009) before the particle is resuspended in the water column (Onink et al., 2021). 

Once resuspended, surface weathering would favor the attachment of marine communities on the 

particle (Huang et al., 2022) and the subsequent consumption of the weathered upper layer, due to 

processes such as biofragmentation or biodegradation (Amobonye et al., 2021; Taghavi et al., 2021). 

The biological “polishing” of the plastic particle (Syranidou et al., 2017a) would lead to the exposure 

of the virgin polymer, less attractive to biofilm formation and microbial degradation, and thus more 

susceptible to abiotic weathering via solar UV radiation. Long residence times, even more so with 

intervals of beaching and resuspension, could therefore facilitate the cycles of weathering and 

polishing phases up to the point where the particle would completely disappear. This 

“disappearance” could be attributed to the assimilation and mineralization of the polymer by the 

marine communities, the incorporation of generated micro- and nanofragments to colloidal 

structures or a combination of both. 

The idea that traditional petroleum hydrocarbons-based plastics can be biodegraded within a 

specific time scale is still very young but unraveling the mechanism and the parameters involved in 

the process could help us elucidate a largely unknown part of their fate in the marine environment. 

As shown by the PCA (Figure 4.7), the process is governed by numerous factors, environmental and 

biological, with time being the most influential. The direction of the oxygen-related ATR-FTIR index 

vectors indicate that they contribute greatly and almost exclusively to the second principal 

component. Thus, it can be confirmed that the abiotic degradation due to UV radiation takes place 

independently of environmental interferences or biological processes.  

Finally, understanding the biologically induced transport and removal processes of plastics of all 

sizes in the environment could change the way we see the world from a biochemical standpoint. The 

fraction of plastic waste more susceptible to leaching possesses the potential to be seen as a nutrient-

enriching factor rather than a pollutant and could lead to a reimagining of the carbon cycle, 

specifically considering the anthropogenic factor (Chiellini et al., 2007). More research is needed, 

however. One the one hand, examination of more polymer types under various conditions is 
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necessary. On the other hand, the effects of the presence of additional man-made substances on the 

marine carbon cycle should be identified. 

 

5. Concluding remarks 

Polymer degradation of C-C backbone plastic pellets, expressed as area reduction, as well as chemical 

structure changes, is combined with the examination of biological and mesocosm seawater 

parameters, with the aim of elucidating the fate of microplastics in the marine environment. The 

interactions of both virgin and artificially weathered PP pellets with environmental and biological 

factors (18 in total) were monitored, so that the effect of weathering and marine biota could be 

examined. Most of the parameters analyzed in this work highlight that a period of 90 days is critical 

for the achievement of degradation in the case of virgin polymers. ATR-FTIR analysis in conjunction 

with community analysis proved valuable in revealing that the weathering degree of the pellet 

surface acts as the determining factor of the biofilm community attachment and composition. 

Following the release of a plastic item in the marine environment, two distinct succeeding phases can 

be discerned in the interaction among polymer, environment, and biofilm. The first is the weathering 

phase, during which the polymer surface gradually deteriorates, mainly due to the abiotic effect of 

UV radiation. As a result, the biofilm attachment and development are facilitated, causing the 

initiation of the de-weathering phase, whereby the biofilm communities start removing the 

weathered layers of polymer. To conclude, after a critical degree of surface deterioration, consecutive 

cycles involving microbial removal of the weathered layer, exposure of “fresh” virgin layer and re-

deterioration of this “fresh” fraction are repeated until the complete disappearance of the plastic 

particles. Finally, the critical role of aggregation in the entrapment and long-term suspension of 

micro- and nanoplastics in the water column was recognized. 
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Chapter 5. Sinking characteristics of 

microplastics in the marine environment 
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5.1. Abstract 

Plastic pollution is presently one of the most widespread and minimally understood problems. Vast 

quantities of plastics that have entered the marine environment should be detected floating on the 

sea surface are seemingly missing from the global budget. A vertical transfer process should be able 

to explain the imbalance in mass, as well as the findings of buoyant plastics at the bottom of the sea. 

These processes are of paramount importance to modelling efforts on the fate of plastics and 

microplastics in the marine environment. In order to fill this gap and develop correlations that could 

be used in modelling activities, we have designed and performed a 300-day long field experiment to 

monitor the interactions between microplastics (pellets and films) and the marine environment for 

five types of plastic polymers. Fouling, changes in diameter, gravimetric weight and sinking velocity 

were monitored and the correlations between them were studied using principal component analysis 

(PCA). Density, fouling and sample form (strip or pellet) were found to greatly affect the sinking 

characteristics of the polymers, leading to an increase or decrease in the sinking velocity. Finally, 

mathematical expressions for the estimation of fouling attachment and the sinking velocity with 

respect to time for each type of plastic were determined from the experimental data.  

 

5.2. Introduction 

The detection of plastic waste in the marine environment can be dated back as the early 1970s. It was 

not, however, until recently (Andrady, 2011) that its ubiquity forced the scientific community to 

actively acknowledge the problem and engage in its study. A staggering amount of plastic, namely 4.8 

to 12.7 million metric tons of plastic is estimated to enter the marine environment annually via land 

or sea (Cózar et al., 2014; Geyer et al., 2017a). It has been calculated that more than 65% of the 

polymers produced, including polypropylene (PP) and polyethylene (PE) in its various forms (Geyer 

et al., 2017; Plastics Europe and Conversion Market & Strategy GmbH, 2019), have densities lower 

than that of seawater. It would, therefore, be expected that most of the plastic entering the marine 

environment should be found floating on the surface of the seas, while bottom samples should 

contain only negatively buoyant polymers, namely polystyrene (PS) and polyethylene terephthalate 

(PET). Estimations of slightly more than 250,000 tons of floating plastics in the ocean (Eriksen et al., 

2014), prove that this is not the case, since a vast amount of plastics is “missing”. Seafloors have 

indeed been found to act as sinks for part of the missing plastic (Koelmans et al., 2017; Van 

Cauwenberghe et al., 2013). Recent work attributed the discrepancies observed to processes 

including biofouling, marine snow, stranding, settling, burial and degradation to microplastics 

(Lebreton and Andrady, 2019; Porter et al., 2018; Wang and Liu, 2019).  
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Understanding the vertical transport of plastics in the marine environment and the processes 

affecting it is imperative for constructing a realistic mass balance that would in the long run enable 

the mitigation of plastic pollution. The sinking velocity of production pellets (Ballent et al., 2012), 

laboratory-produced particles of various polymer types, sizes and shapes (Kowalski et al., 2016b), 

sub-millimeter particles (Kaiser et al., 2019), fibers (Khatmullina and Isachenko, 2017) and 

microplastic-plankton aggregates (Long et al., 2015) have been examined, but only recently the 

sinking characteristics of films were studied, which represent a large portion of the collected plastic 

pollution samples (Van Melkebeke et al., 2020). An overview of the relative literature is presented in 

Table 5.1. The interactions between plastic particles and biofouling have long been suspected to 

affect their density, hydrophobicity and sinking velocity (Cózar et al., 2014; Lobelle and Cunliffe, 

2011b; Morét-Ferguson et al., 2010). Recently these theories were validated, showing that the 

attachment of fouling organisms either increased or decreased the sinking velocity of plastic particles 

(Kaiser et al., 2017; Long et al., 2015), even more so if the fouling organisms belong in the macro-

scale (Fazey and Ryan, 2016). 

Despite the fact that research teams keep on advancing our knowledge on the fate of plastic pollution 

in the marine environment, the processes which influence it are rarely known to us. The knowledge 

gap concerning the sinking of plastics in the sea can be filled with extensive experimentation in the 

field and subsequent data analysis. This study aims to be the first multi-polymer examination of the 

sinking characteristics of plastics in a long-term time dependent matter in actual marine conditions 

at the Eastern Mediterranean Sea. The identification of the parameters that are most influential on 

the sinking behavior of the polymers was pursued, so that a set of modeling-ready mathematical 

expressions is produced describing the evolution of sinking velocity and the fouling attachment rate. 
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Table 5. 1: Reported sinking velocities of microplastics.  

Polymer Size Density Source 
Sinking 

Matrix 

Measurement 

Methods 
Velocity Study 

~ 180 high density 

pellets 
< 5 mm > seawater Strandlines 

Still 

saltwater 

Filming of pellet 

settling in column 
2.0 x10-2 - 7.0 x10-2 ms-1 

Ballent et al. 

(2012) 

PE, PP, hard plastics, 

sheets, lines and 

foams 

0.5-207 

mm 
< seawater 

Density separated oceanic 

Manta Trawl Samples 

Filtered 

Seawater 
Rise in Cylinder 1.0 x10-3- 4.4 x10-2 ms-1 

Reisser et al. 

(2015) 

Fragments Lines 0.5-5 mm < seawater 
Density separated oceanic 

Manta Trawl Samples 

Filtered 

Seawater 
Rise in Cylinder 

(6.0 ± 1.0 x10-3) - 

(1.9 ± 0.6 x10-2) ms-1 

Kooi et al. 

(2017) 

PS, PA, PMMA, PET, 

POM, PVC 

0.5 mm ± 

0.01 mm 

998, 1010, 

1026 kgm-3 

Industrial pellets broken into 

smaller particles 

Filtered 

Distilled 

Water and 

Seawater 

Settling in Cylinder 6 - 91 × 10-3 ms-1 
Kowalski et al. 

(2016) 

PS, PE 
~ 1mm 

cylinders 

1050, 955 

kgm-3 

Seawater incubated fouled 

samples (0-14 weeks) 

Filtered 

Seawater 
Sinking in Cylinder 

(9.0 x10-2 – 1.5 x10-2) - 

(1.2 x10-2-1.7 x10-2) ms-

1, no sinking for PE 

Kaiser et al. 

(2017) 

PCL and various 

materials 

0.17 - 5 

mm 

1131, 1130 - 

1168 kgm-3 

Artificially produced 

spherical and cylindrical 

granules, aged fishing lines 

Distilled 

Water 
Sinking in column 5 x10-3 - 1.3 x10-3 ms-1 

Khatmullina & 

Isachenko 

(2017) 

Irregularly shaped 

PA, PMMA, PET 

particles 

6-251 μm 
1140, 1190, 

1390 kgm-3 

Laboratory produced 

particles 

Filtered 

Seawater 

Shadowgraphy 

method in cuvette 

6.4 x10-6 - 1.0 x10-1 ms-

1 

Kaiser et al. 

(2019) 
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PE, PP, PS 

(EPS), PVC, PET, and 

PPA pellets, 

fragments, fibers and 

foams 

300 μm - 5 

mm 

830 - 1368 

kgm-3 
Artificially produced 

Distilled 

Water 

Sinking in column 

and particle 

imaging 

velocimetry 

6.5 x10-3 - 3.1 x10-1 ms-

1 (rising) and 3.9 x10-3 - 

1.8 x10-1 ms-1 (sinking) 

Waldschläger 

& Schüttrumpf 

(2019) 

PET, HDPE, PP, PS, 

PE, PVC granules, 

films, fibers 

0.63 mm - 

3.48 mm 

950 - 1432 

kgm-3 

Microplastics from municipal 

plastic waste 

Deionized 

Water, 

Ethanol 

Sinking in column 

and imaging 

4.5 x10-3 - 1.52 x10-1 

ms-1 

Van Melkebeke 

et al. (2020) 

PU 
50 - 500 

μm 
1195 kgm-3 

Laboratory produced particle 

aggregates after incubation 

filtered 

river water 

Optical 

Measurement of 

CEll Colonization 

(OMCEC) 

1.9 x10-5 - 3.0 x10-3 ms-1 
Nguyen et al. 

(2020) 

PET, PP, PVC 
5mm 

squares 

0.9-1.4 kgm-

3 

Laboratory produced from 

household items after 

incubation in the field 

River water Settling in column 

2.3 x10-2 - 5.6 x10-2 ms-

1, 

no sinking for PP 

Miao et al. 

(2021) 

 

* Abbreviations: PE – polyethylene, PP – polypropylene, PS – polystyrene, PA – polyamide, PMMA – polymethyl methylacrylate, PET – polyethylene terephthalate, POM -  polyoxymethylene, PVC – polyvinyl chloride,  

PCL – polycaprolactone, EPS – extended polystyrene, PPA -  polyphthalamide, HDPE – high density polyethylene, PU – polyurethane 
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5.3. Materials and Methods 

5.3.1. Polymer Types 

The most widely used types of polymer were selected to be studied, so that they would represent the 

polymers most commonly encountered in the marine environment (Plastics Europe and Conversio 

Market & Strategy GmbH, 2019). Three types of virgin production pellets were purchased from 

Plastika Kritis S.A. (Heraklion, Greece): Low Density Polyethylene (LDPE), High Density Polyethylene 

(HDPE), Polypropylene (PP). HDPE in the form of CaCO3 enriched film with a thickness of 30 μm was 

also obtained from Plastika Kritis S.A. In addition, films of LDPE (30 μm), PP (30 μm), PS (500 μm) 

and PET (36 μm) were kindly provided by A. Hatzopoulos S.A. (Thessaloniki, Greece). 

 

5.3.2. Artificial Aging of Pellets 

In order to investigate the effect of weathering to the change of sinking characteristics of the 

polymers, 100 g of each pellet type were artificially aged. The pellets were exposed to ultraviolet (UV-

C) radiation in a specifically modified system. Initially, the walls of a metal box were covered with 

aluminum foil, so that any radiation absorption from the box could be eliminated. The aluminum foil 

was placed in a way that air flow would not be obstructed, thus allowing the temperature of the 

chamber to be constant. For the photo-weathering process 6 lamps emitting in the 240-260 nm area 

(Philips TUV 8W FAM/10X25BOX) were used, powered by an agarose gel transilluminator (Vilber 

Lourmat TFX-20 MX). The cover of the transilluminator was removed and replaced by a Pyrex-glass 

surface, upon which the pellets were placed. The pellets remained in the chamber for a period of 4 

months, during which they were periodically stirred, in order to ensure uniform weathering. The 

radiation and the temperature to which the pellets were exposed inside the chamber were logged 

using a HOBO Temperature Light 3500 DP Logger.  

 

5.3.3. Experimental Setup 

The behavior of virgin and weathered LDPE, HDPE and PP pellets, and LDPE, HDPE, PP, PS and PET 

films in the marine environment, as well as their interactions with the indigenous marine 

communities was studied in situ. The selected area in Eastern Mediterranean Sea was in Souda bay, 

Crete, Greece (35.480077, 24.111419). The duration of the experiment was 300 days (18 June 2019 

to 18 April 2020). A floating octagonal platform was constructed from polyvinyl chloride (PVC) pipes 
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Figure 5. 1: Flow chart of the processes followed. 

(diameter = 0.125 m) filled with polyurethane foam. The platform was used as a floating device upon 

which four stainless steel cages were tied, containing the plastic samples attached to stainless steel 

wire (Figure S9). 

Three forms of polymer samples were used:  

• 30 cm x 2 cm strips from the virgin films with holes for the stainless wire  

• Strings with 12 virgin pellets, each with a hole in the middle, allowing the stainless wire to 

pass through them 
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• Strings with 12 weathered pellets, each with a hole in the middle, allowing the stainless-steel 

wire to pass through them (Figure S9). 

 For each positively buoyant polymer type (LDPE, HDPE, PP) a designated cage was created, 

containing 12 strings of virgin pellets, 12 strings of weathered pellets, as well as 12 virgin polymer 

film strips. The fourth cage contained 12 strips for each negatively buoyant polymer type (PS and 

PET). 

 

5.3.4. Water Quality Measurements 

Radiation and temperature in the surrounding environment were continuously measured using a 

HOBO Temperature Light 3500 DP Logger. Monitoring of the physicochemical characteristics of the 

water of the area in which the experimental setup was installed aimed at ascertaining that the system 

is characteristic of the southeast Mediterranean environment, in terms of water quality. 

Furthermore, systematic measurements proved that the presence of the nearby aquaculture did not 

affect the water quality of the area.  Finally, the effect of the experimental setup itself on its 

surroundings was assessed, so that any negative impact could be mitigated. Water quality 

parameters were examined on the day of the experimental setup deployment for an establishment of 

a water quality baseline. The same parameters were analyzed for seawater from the vicinity of the 

experimental platform on each sampling day (Table S1).  

 

5.3.5. Sampling and Sample Preparation 

At the end of each sampling period, one strip of LDPE, HDPE and PP, as well as one string of virgin 

and one string of weathered pellets were removed from the cages and moved to the lab in sterilized 

glass jars filled with seawater. Sampling for HDPE was halted prematurely, due to the loss of the metal 

cage containing the samples, as the result of extreme wind velocities affecting the area of study. For 

PS and PET, one strip of each polymer was removed during each sampling. Once collected from the 

marine environment, the samples were kept in the dark at 4oC for analysis. At the same time, 

seawater was collected in sterilized bottles for water quality analysis.  

Prior to analysis, the samples were separated in two subgroups; one intended for examination with 

the fouling and biofilm attached and one without them. For that reason, the original film strips were 

cut in 15 square pieces (2 cm x 2 cm). Three 2 cm x 2 cm pieces and 4 pellets of each kind were 

washed with Phosphate Buffer Solution (0.1 M, pH = 7.4) and fixed with 2% formaldehyde for 2h. 

Washing with deionized water was followed by washing with serial deionized water – ethanol 

solutions (25%, 50%, 75%, 90%) (completely denaturated with 1% Ethyl methyl ketone, 1% 
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isopropyl alcohol, 1 g/ 100 L Denatonium benzoate, Merck). The polymer samples with the fixed 

biofilm and macrofouling were dried for 3 days at 45 oC. Special attention was given in order to 

eliminate biomass and polymer loss during the washing process. 

The remaining 12 pieces of film strip and 8 pellets underwent washing for the removal of the attached 

biofilm and biofouling. Initial washing with Tween80 in Falcon tubes left on a mechanical mixing 

table (120 rpm) for 3 days, was followed by washing with Sodium dodecyl sulfate (SDS) for 2h with 

simultaneous vortexing and gentle scrubbing. The cleaned polymers were dried at 45 oC for 3 days.  

 

5.3.6. Biofilm Quantification 

Quantification of the attachment of biofilm on sample surface was performed by measuring the 

optical density per sample surface (n=3) as previously described (Lobelle and Cunliffe, 2011b). 

Briefly, the samples were air dried for 45 min and stained with 1% aqueous solution of Crystal Violet 

(Sigma-Aldrich). Then, the samples were washed three times with sterile seawater and air dried for 

45 min. Finally, the samples were placed in 2mL Eppendorf tubes with 1 mL of 95% ethanol for 10 

min and the optical density was measured at 595 nm using a Shimadzu UVmini-1240 

spectrophotometer. For comparison purposes, all values were expressed per polymer surface area 

(O.D./cm2). 

 

5.3.7. Buoyancy 

For the estimation of the sinking velocity of both cleaned and fouled samples, a 2 L glass volumetric 

cylinder was used for the simulation of the water column (Kaiser et al., 2017). Measurements were 

performed in a temperature-controlled environment (25oC) after enough time had passed for 

thermal equilibrium to be achieved among ambient air, measurement matrix and samples. This way 

thermal stability of the water column was ascertained. Seawater was filtered through a 250 μm mesh 

plankton net for the removal of particles and large organisms. Seawater conductivity was measured 

(57.5 mS/cm) for the calculation of a seawater salinity of 38.3 ppt using method 2520B (Jenkins, 

1982). The cylinder, with an approximate height of 45 cm, was filled up to 40 cm and on the outer 

surface, marks were made every 5 cm.  Measurements were conducted on a heavy-duty laboratory 

bench and care was taken so that no external vibrations could possibly affect the sinking behavior of 

the examined samples.  

For this measurement, 3 square 2 cm x 2 cm pieces and 3 pellets from each set were examined.  The 

plastic particles were first immersed in the seawater to eliminate the presence of air bubbles, which 

could affect their buoyancy, and then were allowed to settle in the water column. In the event that 



82 
 

secondary motions (not on the vertical axis) occurred during settling, the measurement was 

discarded and repeated. The time elapsed every 5 cm was counted using a timer. In order to avoid 

the effect of acceleration and deceleration to the measured sinking velocity, the upper and lower 5 

cm were not used in the calculations. The sinking velocity achieved in the first 10, 15, 20, 25 and 30 

cm was calculated. The value at which the velocity stabilized was marked as the terminal velocity, 

and this was the value used for further analysis. 

Realization of the sinking velocity experiments in a glass volumetric cylinder with a diameter of 8.3 

cm could introduce measurement bias, owing to the effect of the cylinder walls on the sinking 

samples. For that reason, a number of corrections had to be implemented. According to Chhabra et 

al. (2003), the terminal velocity achieved by a sinking sphere of diameter d in a liquid of kinematic 

viscosity v in the absence of walls (u∞ - terminal boundless sinking velocity) can be expressed a 

function of the sinking velocity (u) of the same sphere in the same liquid in a tube of diameter D, using 

a wall factor f: 

u∞ =
u

f
     (5.1) 

The wall factor f is a function of the Reynolds number (Re=ud/v) and the sphere-to-tube diameter 

ratio λ=d/D. Calculation of the Reynolds number for the conditions of our experiments revealed 

Re>4000, therefore it is safe to assume that the flow in the cylinder was turbulent. Under this flow 

regime, the wall factor f can be considered independent of the Reynolds number and it can be 

expressed as: 

f = (1 − λ2)(1 − 0.5λ2)0.5      (5.2) 

The shape of the film samples used for sinking velocity measurements was square, consequently 

equations (5.1) and (5.2) could not be used for the calculation of u∞. Instead, the volume-equivalent 

sphere diameter (ds) was calculated and then used in the expression of λ (λ=ds/D) and f (Chhabra, 

1996): 

f = 1 − 1.28λ      (5.3) 

The density of the original LDPE, HDPE and PP strips and pellets was lower than that of seawater. 

For that reason, it was impossible for them to sink in the seawater. To estimate the terminal sinking 

velocity of the aforementioned low-density samples, the sinking velocity (uEtOH and uEtOH,∞) of the 

samples (LDPE, HDPE, PP) was measured in ethanol (99.5% denatured with 1% Ethyl methyl ketone, 

1% Isopropyl alcohol, 1g/100L Denatonium benzoate EMSURE, Merck), following the procedure 

mentioned earlier for seawater. Additionally, we measured the sinking velocity of the cleaned PS and 

PET, as well as virgin and weathered PS pellets in seawater and ethanol. Dividing the sinking 

velocities in the absence of walls in the two liquids for PS and PET, in film and pellet form, a 
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correlation factor ζ was estimated for pellets and square samples relating the sinking velocities in the 

two liquids: 

u∞ =  −
uEtOH,∞

ζ
= − 

uEtOH

ζf
      (5.4) 

The minus sign was introduced to indicate that the direction of the sinking sample movement, driven 

by the difference in densities, is opposite to the one imposed by the gravitational force. The 𝑢∞ values 

calculated by this procedure were used for all the low-density samples, while for the high-density 

samples, the actual sinking velocities measured in seawater. 

Finally, the estimation of the densities of these samples was done through the immersion in a series 

of successive deionized water and ethanol mixtures. 

 

5.3.8. Stereoscopic observation 

Changes in the surface, as well as biofilm attachment on the polymers were observed monthly with 

a Leica MZ7s stereoscope equipped with a Leica MC190HD camera. Additionally, the diameter of the 

pellets was calculated from the photographs taken, using the ImageJ version 1.52i software. 

Examination of pellet diameters using Shapiro normality test revealed that they do not follow normal 

distribution, therefore Mann-Whitney U tests were performed to examine whether the decrease 

observed between virgin and weathered pellets of each type was statistically significant. 

 

5.3.9. Gravimetric Weight 

Prior to being placed in the metal cages, the plastic samples were weighed with a 5-digit digital 

laboratory scale. Each individual strip and the predetermined sets of 12 pellets were weighed after 

the creation of holes for the insertion of the metal wire, a process which would affect the weight.  

After sampling, the set of three 2 cm x 2 cm pieces cut from the polymer strips strip and the 4 pellets 

with the fixed biofilm and macrofouling were weighed. Similarly, the rest of the strip and the 8 

remaining pellets from each string were weighed after gentle washing and drying. Care was taken so 

that no weight loss would take place during washing and drying. The weights with and without 

biofilm and macrofouling were grossed up to a 2 cm x 30 cm strip or 12 pellets, so that comparisons 

with the original weight would be possible. 

 

5.3.10. Data analysis 

Statistical analysis of the data and principal component analysis (PCA) on the factors affecting the 

sinking velocity of the polymer samples was performed with R version 4.0.0, in the environment R 
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Studio Version 1.3.959. Data normality was examined using the Shapiro-Wilk test. Since the samples 

followed in their majority non-normal distributions, the Kruskal-Wallis non-parametric test was 

used to examine whether there existed statistically significant differences to the samples, while the 

correlation of the samples was studied using the Spearman’s rank correlation coefficient. PCA is a 

data analysis method that mathematically transforms the original data into independent variables. 

Each variable represents a portion of the data variance, and combinations of them can be examined 

in relation to the percentage of the variance that can be represented. The function prcomp was used 

for the PCA analysis and the graphs were created using ggbiplot contained in the ggpplot2 package. 

Combined explained variation of 75% or higher were considered adequate. Curve fitting for the 

sinking velocities and fouling growth was performed for each type of plastic using MATLAB R2014a. 

The precise 95% confidence intervals of the nonlinear model were computed by MATLAB using 

functions fitnlm and predict. 

 

5.4. Experimental Results 

It is important to stress that the HDPE samples resided in the marine environment for 58 days less 

than the rest of the samples. It is, therefore, unforeseen whether the HDPE samples would behave in 

a manner similar to LDPE and PP, should they have had the opportunity to reside in the sea for the 

remaining experimental time. This fact seems to be highly important, as HDPE appears to be the most 

heavily affected by fouling organisms of the five types of polymers examined. 

 

5.4.1. Water Quality  

With the exception of the fourth sampling (30-11-2019), when elevated chemical oxygen demand 

(COD) and Total Nitrogen values could possibly be attributed to a random source point pollution 

incident, the parameters remain more or less stable and within a close range of the baseline values 

(Table S2). 

 

5.4.3. Stereoscopic Observation 

At the end of the experiment, apart from the biofilm, a number of macrofouling organisms attached 

to the surface of the polymers. The marine communities on the polymers were distinct, and their 

composition was dynamic, following succession patterns that depended on time and the weather 

conditions. Namely, PP and PET strips were mainly covered by biofilm, LDPE, HDPE and PS acted as 

the substrate for the growth of eukaryotic organisms such as marine plants, diatoms, macroalgae, 

bryozoa, barnacles, insects and cephalopod eggs. Photos of the polymers, depicting the attachment 
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of biofilm and fouling agents can be seen in Figure S10. 

Monthly stereoscopic observation of the samples confirmed the macroscopic observations, with 

biofilm layers on the surface of PP and PET strips and a combination of biofilm and macroorganisms 

on the surface of the pellets and the rest of the polymer strips (Figure S11).  

The diameter of the plastic pellets, as calculated from the images acquired from the stereoscope 

camera, is shown in Table S3. Pellet diameter systematically decreased over time. More specifically, 

a 17.3% decrease in diameter was observed for virgin LDPE pellets. The decrease was more 

prominent in case of weathered pellets since 25.6% decrease exhibited in the weathered pellets of 

this polymer type. Similarly, the diameter of the virgin PP pellets decreased by 15.5% over the 300-

day period, while the weathered PP pellets were almost one fourth of their initial size, with a 25.8% 

decrease in diameter. A 16.5% decrease of diameter was observed for virgin pellets and a comparable 

13.4% for weathered pellets. Interestingly, weathering is a factor affecting diameter decrease only in 

the case of HDPE pellets (p=0.008). 

 

5.4.4. Gravimetric Weight 

The weight difference (in g) was calculated for each sample, in both cleaned and fouled state (Figure 

S12). Among the cleaned polymer strips, the most notable weight reduction was observed for PS 

(0.8g after 202 days). A reduction of 0.009 g, 0.009 g, 0.053 g and 0.088 g for PP PET, HDPE and LDPE 

respectively. Weathered pellets were significantly more susceptible to deterioration than their virgin 

counterparts. More specifically, while weathered LDPE pellets showed a weight reduction of 0.050 g, 

the weight reduction for the virgin form of the material was 0.030 g. Similarly, virgin HDPE pellets 

demonstrated a weight reduction of 0.015 g, as opposed to the 0.036 g of the weathered HDPE pellets. 

The difference in weight reduction for PP pellets was less distinguished, nonetheless following the 

pattern observed for the other two types of polymers, with the virgin and weathered pellet weight 

reduction being 0.018 g and 0.024 g, respectively. 

 

5.4.5. Fouling growth 

Fouling growth contributed to the increase of the weight of the polymer samples used. Polymer strips 

were more significantly affected, with weight increases of 1.13 g for PET, 1.67 g for LDPE, 2.36 g for 

PP, 11.3 g for PS and 11.5 g for HDPE. The discrepancies between virgin and weathered pellets can 

be observed here, as well, with the growth on the latter being appreciably heavier than that on the 

former. Characteristically, the weight increase for virgin LDPE pellets was 0.084 g, and 0.187 g for 

the weathered pellets. Virgin HDPE and PP pellets were less attractive to fouling organisms, with 
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0.207 g and 0.249 g increases in weight, whereas increases of 0.522 g and 0.605 g were observed for 

the weathered ones. 

 

5.4.6. Relationship for fouling versus time 

Fouling growth was modeled as a function of time. Only the first 152 days were considered for this 

process, since the extreme weather events that followed caused serious fouling removal. Although 

the fouling process proceeded, it produced irregularities that should not be taken into account. 

Among the various mathematical expressions to fit to the growth of fouling on the surface of plastic 

films and plastic pellets, a simple S-shaped curve was selected. The logistic function (sigmoid curve) 

given by Equation 13 below, was considered as the most appropriate due to its simplicity and 

asymptotic characteristics.  

Y =
a

1 + e−b(X−c)
   [5.5] 

where a, b and c are constants and represent the unknown parameters to be estimated by nonlinear 

least squares from the experimental data. The values of the three constants calculated for each 

polymer type, as well as the coefficient of determination (R2) and the root mean square error (RMSE) 

of each fitted curve, are presented in Table 5.2. As seen in Table 5.2, the fouling growth is well 

explained by the sigmoid curve (R2 >0.9 in most of the cases). It can be observed that it is a time 

dependent process, not significantly affected by the polymer type or extent of weathering. The shape, 

however, seems to affect the maximum amount of fouling per surface unit that can be accumulated 

on plastic particles, since the values of parameter a are consistently higher for film samples. 

 

Table 5. 2: Sigmoid curve constants for the mathematical expressions of fouling growth on plastic polymer samples. 

Polymer 

Type 

Degree of 

Weathering 
a [mg cm-2] b [day-1] c [day] R2 RMSE 

LDPE film virgin 0.086 0.301 110.9 0.891 0.019 

HDPE film virgin 2.982 0.034 203.9 0.999 0.0207 

PP film virgin 16.883 0.0440 333.5 0.995 0.010 

PS film virgin 121.790 0.0257 521.9 0.932 0.044 

PET film virgin 0.280 0.0340 241.6 1.000 0.001 

LDPE pellets 
virgin 0.037 0.024 98.9 0.903 0.007 

weathered 0.054 0.082 75.3 0.633 0.025 

HDPE 

pellets 

virgin 0.071 0.148 85.3 0.985 0.006 

weathered 0.218 0.137 170.4 0.981 0.019 
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PP pellets 
virgin 0.076 0.356 39.7 0.733 0.028 

weathered 0.080 0.378 157.5 0.694 0.027 

 

As an example of the curve fitting for HDPE film samples, the model estimates, the experimental data 

and the 95% confidence intervals of the model predictions are shown in Figure 5.2. All the remaining 

fitted curves corresponding to the estimated parameters in Table 5.2 can be found in the 

Supplementary materials (Figures S14 – S23). 

 

 

Figure 5. 2: Curve fitting of fouling growth on HDPE films over time. The red arrow points to an “outlier” which was not included 

in the fitting process as it was measured following an extreme weather event. 

5.4.7. Biofilm Development 

Crystal violet binds to nucleic acid and protein molecules and is therefore a measure of the biofilm 

attached on the surface of the polymer samples examined. The biofilm on the polymer strips 

constantly increased (Figure S13), in contrast to the attachment of macrofouling organisms, which 

were removed from the polymer surface, as a consequence of strong winds affecting the area of study. 

Notably, PET being the polymer less affected by fouling macro-organisms, exhibits the highest Optical 

Density per cm2 at the end of the experiment (35.2 Optical Density per cm2). LDPE, PS and PP followed 

with an Optical Density of 27.8, 26.6 and 22.6 per cm2, respectively, while the Optical Density per cm2 

was 20.6 for HDPE after 242 days in the marine environment. 

Biofilm accumulation on the surface of plastic pellets was consistently lower, compared to that 

observed on the surface of the polymer films, suggesting that the polymer shape influences the 

biofilm development. When exposed to the marine environment, films appear as a more attractive 



88 
 

substrate in comparison with the virgin and weathered pellets. The maximum values of Optical 

Density per cm2 for virgin pellets were 2.5 for PP, 5.0 for LDPE and 6.6 for HDPE, as opposed to the 

respective values of 4.9 for LDPE, 6.6 for PP and 7.2 for weathered HDPE pellets. The quantity of 

biofilm on weathered pellets was increasing for the duration of the experiment, with only weathered 

LDPE pellet biofilm accumulation demonstrating a tendency to plateau after 242 days in the marine 

environment. The biofilm on virgin pellets, however, gradually decreased on PP and remained stable 

on LDPE, in accordance with the observations on fouling, thus indicating a tendency for biofilm 

detachment. The biofilm on virgin HDPE pellets continued accumulating. This may be attributed to 

the enhanced suitability of HDPE as a biofilm attachment. During the first 202 days of exposure to 

the marine environment, the virgin HDPE, LDPE and PP, as well as the weathered HDPE and LDPE 

pellets exhibited the same pattern of biofilm development. However, the biofilm redevelopment, 

following its removal by extreme wind and wave activity, was distinct for each pellet type. 

 

5.4.8. Sinking Velocity 

The sinking velocity of the polymers in the cleaned and fouled state was studied, as a function of time. 

Examination of the effect the cylinder in which the measurements were performed, revealed that in 

the case of pellets it was negligible (f>0.99). The ratio ζ of the terminal boundless sinking velocity in 

ethanol and seawater for the PS pellets tested was calculated. The value was equal to 4.52 ± 0.52 and 

it was used to estimate the sinking velocities of LDPE, HDPE and PP pellets used for the experiment. 

For the square film pieces the factor f ranged between 0.61 and 0.88. From the values of the ratio ζ of 

each piece, a mean value of 2.14 ± 0.77 was estimated and used for further calculations. 

 

5.4.8.1. Positively buoyant polymers 

Please note that in this section, the minus symbol of the values indicates the direction of the terminal 

boundless sinking velocities (rising) of the positively buoyant polymer samples. The use of the terms 

increase or decrease will therefore refer to the absolute value of the terminal boundless sinking 

velocities. 

 

5.4.8.1.1. Film samples 

The estimated terminal boundless sinking velocities over time for LDPE films are shown in Figures 

5.3A and 5.3D. Starting from the same initial sinking velocity (-3.96 x10-3 ms-1), fouled and cleaned 

film pieces exhibit completely distinct sinking behaviors. Towards the end of the experiment, the 

sinking velocities of the fouled samples were up to three orders of magnitude higher than those of 
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their cleaned counterparts. Fouled LDPE film samples rose to the surface with ever-increasing 

sinking velocities that reached a mean peak value of -3.23 ms-1 on the 242th day. Fouling removal due 

to the extreme wind conditions that affected Souda Bay just before the 300th day resulted a terminal 

boundless sinking velocity of -1.67 ms-1. Cleaned LDPE film samples, on the other hand, manifested 

slight discrepancies that could well be attributed to experimental errors, with terminal boundless 

sinking velocities ranging between -6.06 x10-3 ms-1 and -2.52 x10-3 ms-1.  

Similarly, the absolute value of the terminal boundless sinking velocity of the fouled HDPE film pieces 

at the time of the final sampling, with a mean value of -3.23 ms-1, was three orders of magnitude 

higher than that of the virgin pieces of the same polymer (-3.96 x10-3 ms-1). Due to the loss of the 

samples because of the bad weather conditions, it is unclear whether the fouling from the polymer 

surface would have been removed and how that would affect the sinking behavior of the samples. 

Identically to the cleaned LDPE samples, the terminal boundless sinking velocity of the pieces of 

cleaned HDPE varied marginally with the passage of time (Figures 5.3B and 5.3E).  

Examination of the fouled PP film pieces (Figures 5.3C and 5.3F) demonstrated that, akin to LDPE 

and HDPE samples, biofouling buildup affected the terminal boundless sinking velocity. From an 

initial value of -2.46 x10-3 ms-1 in the virgin state, at the 202th day the fouled samples reached and in 

general maintained a mean sinking velocity of -2.22 ms-1 to -1.99 ms-1 at the end of the experimental 

period. The cleaned samples behaved equivalently to the LDPE and HDPE pieces, with negligible 

variations from the virgin polymer pieces (Figure 5.3F), thus the sinking velocities of the cleaned 

films may be considered approximately stable throughout the duration of the experiment. 

As expected, higher variations are observed in the sinking velocities of the samples as fouling build-

up progresses with time. This can be attributed to the non-identical nature and degree of biofouling 

on each of the three pieces examined. Characteristically, PP samples, that were mainly covered by 

biofilm and less macrofouling organisms, present the smallest standard deviations in the terminal 

boundless sinking velocities; 6.90 x 10-2 ms-1 to 6.81 x 10-1 ms-1, as opposed to 4.97 x 10-1 ms-1 to 1.111 

ms-1 for LDPE and 9.01 x 10-1 ms-1 to 9.88 x 10-1 ms-1 for HDPE. Comparison of fouled versus the 

cleaned samples of each film type using the Mann-Whitney u test revealed that fouling attachment 

led to statistically significant sinking lower/higher behaviors. 
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Figure 5. 3: Sinking velocity of positively buoyant film samples over time (ms-1). The broken red lines indicate days with extreme 

wind velocities. 

5.4.8.1.2. Pellet samples 

The terminal boundless sinking velocities of virgin and weathered pellets in the fouled and cleaned 

state were also calculated for all three types of polymers. Opposite to the drastic changes in sinking 

velocity observed for film pieces of LDPE, HDPE and PP, the sinking behavior of pellets barely 

diversified over time, even after biofouling development. The terminal boundless sinking velocity of 

fouled virgin and weathered LDPE pellets (Figures 5.4A and 5.4G) slightly increased by the end of the 

300-day period (from -3.03 x10-2 ms-1 to -2.25 x10-2 ms-1 and from -2.50 x10-2 ms-1 to -1.79 x10-2 ms-

1), after undergoing some fluctuation. Despite the minimal variation, cleaned pellets of the same 

polymer (Figures 5.4D and 5.4J) underwent even smaller changes; for virgin pellets, from -3.03 x10-

2 ms-1 to -3.22 x10-2 ms-1 and for weathered ones from -2.50 x10-2 ms-1 to -2.82 x10-2 ms-1. Notably, 

the fouled weathered pellet samples from day 242, when the terminal boundless sinking velocity 

seems to be at its most diverse, were characterized by intense biofouling growth.  

Cleaned HDPE pellets (Figures 5.4E and 5.4K) exhibit as minimal fluctuations of terminal boundless 

sinking velocities as LDPE pellets. The initial value of -3.73 x10-2 ms-1 of the cleaned virgin HDPE 
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samples transitioned to -4.15 x10-2 ms-1. Cleaned weathered HDPE pellets floated to the surface with 

a velocity of -3.11 x10-2 ms-1 at the start of the experimental period, as opposed to -3.50 x10-2 ms-1 

after 242 days in the marine environment. When it comes to fouled HDPE pellets (Figures 5.4B and 

5.4H), however, the observed differences were slightly more pronounced. Higher variations over 

time can be observed, especially in the case of the fouled weathered samples. The initial terminal 

boundless sinking velocity of -3.11 x10-2 ms-1 calculated for the untreated sample, increased to -6.33 

x10-2 ms-1 after 152 days and -6.25 x10-2 ms-1 after 242 days.  

Cleaned virgin PP pellets (Figure 5.4F) exhibit slight variation (-3.50 x10-2 ms-1 on day 0 to -3.53 x10-

2 ms-1 after 300 days), whereas the sinking velocity of cleaned weathered PP pellets (Figure 5.4L) was 

characterized by a slight decrease (-3.67 x10-2 ms-1 in the beginning versus -2.94x10-2 ms-1 at the end 

of the experiment). Interestingly, the standard deviations calculated for cleaned PP pellets (n=3), 

were the highest among cleaned pellet samples. The terminal boundless sinking velocity of fouled PP 

pellets generally tended to increase over time after a nominal initial decrease up to day 152 for the 

virgin and day 102 for the weathered samples (Figures 5.4C and 5.4I). The extremely harsh winds 

that affected the area of study on day 175 led to an increase of velocity that also amplified by the 

effect of the second gale, just before the last sampling. 

Finally, the differences observed between fouled and cleaned pellet samples were statistically 

significant in most of the examined cases, except virgin PP and weathered LDPE pellets. LDPE and PP 

pellet samples displayed similar behavior in their virgin and weathered state. Statistical differences 

could be detected only in the case of HDPE (p-value = 0.03). 

 

5.4.8.2. Negatively buoyant polymers 

The terminal boundless sinking velocity of cleaned PS and PET was not greatly affected by their time 

in the marine environment. Despite the marginal tendency of their sinking velocity to increase, it can 

be stated that they remained unchanged over time (Figures 5.5C and 5.5D). That is not the case for 

the fouled plastic film pieces. Both PS and PET samples (Figures 5.5A and 5.5B) exhibited an initial 

steep increase of sinking velocity, followed by an equally steep decrease and plateauing phase close 

to the point of not sinking from day 67 to 300. The values of the terminal boundless sinking velocity 

at the end of the experiment were 6.87 x10-5 ms-1 and 2.03 x10-4 ms-1, for PS and PET, accordingly. 

Intriguingly, in spite of the similar sinking behavior of the two polymers, the observed differences 

between cleaned and fouled samples were statistically significant only in the case of PET. 
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Figure 5. 4: Sinking velocity of positively buoyant film samples over time (ms-1). The broken red lines indicate days with extreme 

wind velocities. 

5.4.9. Relationship for sinking velocity versus time  

The velocity of all samples, regardless of shape, degree of weathering or the presence of fouling 

organisms can be adequately described by a sigmoid curve (logistic equation) of the form 

u∞ =
a

1 + e−b(t−c)
   [5.6] 

 Where u∞ is the terminal sinking velocity in the absence of walls (ms-1); a, b and c are unknown 

constant parameters; and t is the time (days). The values of the estimated parameters a, b and c for 

the evolution over time of the terminal sinking velocities for each sample are shown in Table 3 

together with the coefficient of determination (R2) and the root mean square error (RMSE). It can be 

observed that, the selected sigmoidal expressions fit the data very well. In general, the values for 

parameter a, which represents the maximum sinking velocity, tended to be higher for fouled samples.  



93 
 

 

 

Figure 5. 5: Sinking velocity of negatively buoyant film samples over time (ms-1). The broken red lines indicate days with 

extreme wind velocities. 

Finally, with the exception of weathered HDPE and PP pellets, it can be seen that fitting of the data of 

fouled samples was more effective with R2 values well over 0.70. 

As an example of the curve fitting for HDPE film samples, the model estimates, the experimental data 

and the 95% confidence intervals of the model predictions as computed with MATLAB are shown in 

Figure 5.6. All the remaining fitted curves corresponding to the estimated parameters in Table 5.3 

can be found in the Supplementary materials (Figures S24 – S44). 
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Figure 5. 6: Fouled HDPE film sinking velocity over time data curve fitting. 

Table 5. 3: Sigmoid curve constants for the mathematical expression of sinking velocities over time. 

Sample a [m s-1] b [day-1] c [day] R2 RMSE 

Films 

LDPE 
Cleaned -0.1155 -0.0015 -2110.0 0.62 4.3*10-4 

Fouled -1.8019 0.0253 136.5 0.94 2.1*10-1 

HDPE 
Cleaned -0.0042 0.0377 -18.9 0.89 2.8*10-4 

Fouled -3.9897 0.0318 127.4 0.99 7.0*10-2 

PP 
Cleaned -0.1281 0.0021 1894.2 0.70 3.2*10-4 

Fouled -1.9372 0.0291 141.6 0.87 3.7*10-1 

PS 
Cleaned 0.0305 0.0740 -47.7 0.99 5.8*10-5 

Fouled 6.2079 -0.2283 -23.4 0.97 2.0*10-3 

PET 
Cleaned 0.0383 -0.0002 -2915.5 0.97 4.0*10-5 

Fouled 0.2200 -0.2310 -11.7 0.96 1.2*10-3 

Virgin 

Pellets 

LDPE 
Cleaned -0.0321 0.0200 -19.6 0.88 1.4*10-3 

Fouled -0.0342 -0.0057 397.8 0.88 1.5*10-3 

HDPE 
Cleaned -1.1406 0.0006 5466.2 0.70 1.7*10-3 

Fouled -2.2651 -0.0028 -1408.0 0.80 3.3*10-3 

PP 
Cleaned -0.0356 0.1646 49.3 0.52 9.0*10-4 

Fouled -2.4241 0.0015 2862.4 0.77 4.4*10-3 

Weathered 

Pellets 
LDPE 

Cleaned -0.0265 0.4500 30.5 0.85 6.7*10-4 

Fouled -1.0584 -0.0023 -1473.3 0.97 9.1*10-4 
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HDPE 
Cleaned -0.0356 0.0614 -31.3 0.88 1.0*10-3 

Fouled -0.1096 0.0057 175.2 0.70 1.1*10-2 

PP 
Cleaned -0.5049 -0.0260 122.51 0.91 8.3*10-2 

Fouled -1.9795 -0.0012 -3688.9 0.67 2.1*10-3 

 

5.4.10. Principal Component Analysis 

The variables incorporated in the PCA model were sinking velocity, gravimetric weight difference, 

polymer density, time expressed as Days, biofilm O.D. per cm2 and the area of the sample. Initially, all 

types of polymer films were examined simultaneously. It was thus revealed (Figure S45) from the 

heavy clustering of the heavier and the lighter polymers, that the polymers should be examined 

separately, in terms of density, for the results to be illuminating. Correspondingly, polymer pellets 

will be examined separately by type (Figure S46). 

Two principal components were not sufficient for the examination of cleaned LDPE, HDPE and PP 

films (61.8% of the variance explained), although it can be observed from the dispersion of the 

samples that time is a factor significantly affecting their sinking characteristics (Figure S47). For 

cleaned PS and PET films, on the other hand, a two-dimensional analysis explains 89.0% of the 

sinking behavior. Time dependent progression can be observed in this case, too. Examination of the 

totality of fouled film samples in Figure S48 reveals that sinking velocity and fouling attachment and 

weight difference are strongly correlated. The samples will once more be examined separately, for 

the thorough investigation of the factors affecting their sinking behavior. Dispersion of the samples 

on the PCA biplot for LDPE, HDPE and PP films (Figure S49) shows that the strongly correlated time 

and biofilm attachment are the main factors affecting their sinking characteristics. Time-dependent 

clustering can be observed for PS and PET (Figure S50), with samples loosely clustered. Density 

seems to be the factor linearly driving any differences observed between samples. 

Two principal components make up for 99.3% of the observed variance in the behavior of virgin 

(Figure S51) and 76.0% of weathered polymer pellets (Figure S52). Three time-dependent clusters 

can be observed for virgin pellet samples, regardless of polymer type. Clustering can be observed for 

weathered pellets, as well, with a time-dependent progression of the samples, along an area-density 

axis. Examination of the pellet samples per polymer type reveals that the main parameter influencing 

the sinking behavior of LDPE pellets is density (Figure S53). Clustering observation shows that the 

sinking characteristics of the samples, which were similar during the first 152 days, in the course of 

time differentiated, and towards the end of the experiment, were close to their initial state. It is, 

therefore, evident that fouling, greatly affecting density and weight differences, rather than 
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weathering, was the main factor leading this process. In the case of HDPE (Figure S54), the 

contribution of weight difference to the sinking characteristics is more pronounced than LDPE, 

especially for fouled samples, as expected. Examination of the clustering patterns leads to the same 

conclusion as for LDPE; while initially all samples behaved in a similar manner, the passage of time 

led to segregation which is more noticeable between fouled and cleaned pellet samples. Furthermore, 

even HDPE pellets, which remained in the marine environment for almost two months less than the 

rest of the samples, follow the pattern of re-exhibiting the initial sinking characteristics after some 

time. Finally, PP pellets behaved similarly, as shown in Figure S55. 

 

5.5. Discussion  

All surfaces (including plastics) in the marine environment, can act as substrates for the attachment 

and growth of marine life (Rogers et al., 2020). However, the role of fouling attachment, detachment 

and reattachment to the fate of marine plastics has been widely recognized, yet it has only been 

demonstrated by Ye and Andrady (1991) and for a period of about half a year. Biofouling, consisting 

of the initial microbial biofilm (Kirstein et al., 2019; Oberbeckmann and Labrenz, 2020) to 

macrofauna and macroflora (Bravo et al., 2011; Bryant et al., 2016) can affect the sinking 

characteristics of plastics and hence, their fate in the marine environment. The structure of microbial 

communities colonizing the plastic surfaces is not affected by the type of substrate (Oberbeckmann 

et al., 2016). Location, season and the availability of nutrients, however, have been shown to affect 

the composition of them (Oberbeckmann et al., 2017), as well as parameters related to the substrate 

itself, such as surface hydrophobicity and roughness (Rummel et al., 2017). All the samples of this 

study resided in the marine environment under exactly similar conditions, yet the attached macro-

communities were visibly distinct among polymer types. We can, therefore, support the hypothesis 

that the attaching macrofouling communities were in some way affected, on a phenotypic level, by 

the plastic substrate. Removal of fouling can lead to a reversal of sinking characteristics, causing 

sinking plastics to float and vice versa (Anthony L Andrady, 2017). In accordance, this phenomenon 

was also observed in this work after the accidental removal of macrofouling organisms due to 

extreme weather events (very strong winds) occurred during the experimental period. We 

hypothesize, therefore, that PET and PP samples, which were mainly covered by biofilm, exhibited 

less variations in sinking behavior towards the end of the experiment, due to the fact that the removal 

of biofilm is more challenging than that of macrofouling organisms.  

The mathematical expressions provided in Table 5.2 estimate the fouling growth on the surface of a 

microplastic film or pellet exposed to marine environment and they are suggested for exploitation in 
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modelling studies concerning the fate of microplastics in the east Mediterranean region as well as in 

areas with similar environmental conditions. The sigmoid form of the fouling growth curves indicates 

the existence of three distinct phases: an adjustment phase, during which marine organisms slowly 

attaches on the surface of the plastics; a rapid growth phase and a plateau, determined by surface 

availability and intermittent shearing of excessive biofouling. A percentage of the attached fouling 

was removed from the surface of the samples in the period between the 150th and 200th day. 

Moreover, the metal cage containing the HDPE samples was lost after the 242nd day of the 

experiment. Both events can be attributed to extreme weather events, mere specifically gales. On the 

23rd of December 2019 (175th day) and on the 15th of April 2020 (297th day) wind velocities of up to 

75km/h (9 Bf) affected the area of study. For that reason, in long term experiments, the effect of 

weather conditions should be taken in consideration. Fouling removal due to extreme winds or wave 

activity should be considered as a break point. Regrowth after that point should follow the sigmoid 

curves we have proposed, but with different initial conditions as some degree of fouling should 

remain attached on the surface and it should be taken into account.  

Weathered plastic pellets exhibit a decrease in hydrophobicity (Gewert et al., 2015b). The more 

hydrophilic a substrate is, the more susceptible it is to biofilm attachment. Although, no changes in 

fouling growth were observed between virgin and weathered pellets exposed to marine environment 

in our study. That leads to enhanced biodegradation potential and further tendency to remain 

suspended in the water column or sink (Michels et al., 2018) in comparison to virgin polymeric 

materials. The weathering process, naturally occurring in the marine environment (Jahnke et al., 

2017), can thus be linked to changes in the sinking characteristics of plastics. PCA of our results 

revealed that density and sinking velocity are highly correlated, and therefore one could potentially 

be used as an indicator of the other. 

It can be observed by the gravimetric weight results that although weight difference is used as an 

indicator of polymer deterioration, it is not an effective way of estimating sinking rates, as it does not 

change in a time-dependent manner. As seen by the pellet diameter measurements, the change in 

dimensions could act as an indicator, instead. It was presented, however, as a measure of the 

attachment of macroorganisms, and was one of the parameters affecting the sinking behavior of the 

samples. At the end of the experiment, the polymers exhibited sinking characteristics similar to those 

observed during their first days in the marine environment. This behavior can be attributed to the 

observed partial removal of fouling. The variability in sinking behaviors observed in this study is 

consistent with the work of Kaiser et al. (2017), and can possibly be explained when the non-uniform 

fouling is taken into consideration, along with the community succession and the removal of fouling 
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by extreme weather events. Furthermore, HDPE, one of the types of polymer more susceptible to 

colonization, can be clearly distinguished by the increase of weight due to the growth of fouling 

organisms.  

In this work, we propose a new method for estimating the velocity at which a positively buoyant 

particle would move towards the water surface, in case it is present or released underwater. That is 

achieved by using actual sinking velocity measurements in a different liquid matrix (ethanol). This 

way, the estimation of theoretical dimensionless diameters and sinking velocities (Dietrich, 1982b) 

widely used in literature (Kaiser et al., 2019; Kooi et al., 2017a; Kowalski et al., 2016b) can be avoided. 

We believe that our approach of combining theory and experimental measurements can lead to more 

accurate estimation of terminal sinking velocities of microplastics in the marine environment. Van 

Melkebeke et al. (2020) have showed that the terminal sinking velocities of microplastics can be 3-4 

times lower than those theoretically calculated. Moreover, the estimation of the wall factor f suggests 

that sinking experiments in a typical 2 L glass volumetric cylinder produce extremely accurate results 

for particles which can be assumed spherical, even for diameters in the 4 mm area (f>0.99). It was 

also showcased, that it can be used for larger, even square in shape pieces, when corrections have 

been applied (0.61 < f < 0.88). 

Examination of the vertical movement of field-incubated plastic samples in the water column leads 

to a number of noteworthy observations. Distinct behaviors could be discerned among film samples 

of different buoyancy (negative / positive), as well as between the two shapes (films / pellets) of the 

same polymer type. Samples cleaned of biofilm and macrofouling organisms exhibited minimal 

change of sinking velocity, regardless of polymer type or shape. Thus, polymer structures are not 

easily affected by non-acclimated microorganisms to the specific polymers (Raddadi and Fava, 2019). 

Moreover, the miniscule differences in sinking velocity agree with the results of Syranidou et al. 

(2019). This team observed decreasing sinking velocities of cleaned PS pieces collected from the 

marine environment and incubated with acclimated PS-degrading marine communities for six 

months and increasing sinking velocities for samples with biofilm still attached on their surface. The 

values of terminal boundless sinking velocity, in the range of 10-3 – 10-2 ms-1, are within the order of 

magnitude of that calculated for each virgin polymer. The values presented here also are in 

agreement with sinking velocity values from numerous literature sources with diverse sample types, 

in terms of polymer type, origin and size, as can be seen in Table 5.1.  The possibility that the observed 

variance in these values is a result of invisible biofilm residues which were not removed from the 

sample surface or experimental error cannot be excluded.  

Substantial differences can be noted between cleaned and fouled film samples, which in the majority 
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of cases were found to be statistically significant. Our results demonstrate the necessary time for 

substantial alterations of sinking velocities to occur is density dependent when microplastics are 

exposed to the Eastern Mediterranean marine environment and fouling organisms; up to 100 days 

for polymers with densities lower and 35 for polymers with densities higher than that of the 

surrounding seawater. The elapsed time as well as the nature and quantity of the fouling developed, 

however, was not enough for changes from negative to positive sinking velocities or vice versa. 

Chubarenko et al. (2016) estimated that 10-15 years are needed for sinking of negatively buoyant 

plastics to occur. Nonetheless, results from other sources have been contradictory. Positive buoyancy 

plastic items have been observed in benthic sediments. Additionally, sinking is an explanation for the 

missing quantities of plastics from mass budgets (Cózar et al., 2017; Van Cauwenberghe et al., 2013; 

Woodall et al., 2014).  It was found by Fazey and Ryan (2016) that a period of up to 66 days was 

sufficient for LDPE and HDPE film samples to exhibit negative buoyancy. Kaiser et al. (2017) 

demonstrated that after 42 days in marine water, the sinking velocity of PS particles increased by 

81%, and macrofouling organisms attached to LDPE to the extent that sinking occurred during that 

time. Modelling of the sinking behavior of plastic particles has even predicted periods of time as short 

as 24-26 days (Kooi et al., 2017b). The dissidence among researchers can be attributed to local 

environmental, trophic and weather conditions, as well as experimental methods. Increase of up to 

three orders of magnitude (-10-3 ms-1 to -100 ms-1) was estimated for the terminal boundless sinking 

velocity of positively buoyant film samples. This can be attributed to the presence of water within 

the fouling biomass, since water can lead to a decrease in drag force and therefore to an increase in 

sinking velocity (Long et al., 2015). The decrease observed for the terminal boundless sinking 

velocities of negatively buoyant film samples (102 ms-1 to 10-5 ms-1) was more pronounced, also 

achieved in shorter times (67 days) and maintained throughout the experiment. These changes could 

in time lead to the presence of heavy polymers, such as PS and PET, suspended in the water column 

or even floating, as it has already been observed in the field. 

The terminal boundless sinking velocities of fouled pellets marginally changed over time. With the 

exception of virgin LDPE pellets, minor increase was observed for the first 35 days, followed by 

consistent decrease until the first incidence of extreme weather. Fouling removal resulted in 

disruption of this decrease, leading to increased terminal boundless sinking velocities, higher 

standard deviations among triplicate samples, as well as worse curve fitting. With the exception of 

HDPE (p-value = 0.03), no statistical differences were observed between the sinking behavior of 

virgin and weathered pellets made of LDPE and PP. 

It is worth mentioning that the sinking behavior of fouled pellets was decisively distinct from that of 
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fouled film pieces. This can be attributed to the size and shape (Kowalski et al., 2016b; Ryan, 2015; 

Van Melkebeke et al., 2020) and in consequence the excess area of the films available for colonization 

by fouling organisms. Macrofouling organisms have increased porosity and as a result, are more 

permeable by the surrounding water. Water penetration is believed to have resulted in the density 

alteration of the examined samples and therefore to the observed differences in sinking velocities. 

Modelling of the sinking behavior of plastics in the marine environment has been investigated the 

last years, however, many questions are yet to be answered. Predicting the fate of plastics has proven 

challenging (Khatmullina and Chubarenko, 2019), despite the existing amount of work (Ballent et al., 

2013, 2012; Chubarenko et al., 2016; Kooi et al., 2017a; Nguyen et al., 2020). In this work, we intend 

to bridge the gap between the field and the model, by proposing equations to describe the shift in 

sinking velocity over time, as an alternative to already existing quadratic linear regression models 

(Kaiser et al., 2019). The extent and locality of the examined dataset may impose a number of 

limitations. However, sigmoidal expressions were proposed for the correlation of the sinking 

behavior of plastics with time since it considers the following factors. The initial lag in sinking 

velocity change, until enough macrofouling developed to affect the plastics, is taken into 

consideration. Moreover, the observed stabilization of the values of the terminal sinking behaviors 

after a certain amount of time, is also very well approached by the sigmoidal form of the curves. As 

can be seen in Table 5.3, the majority of the R2 values of our proposed fitting were above 0.80. Given 

the environmental origin of our samples, even the few cases when the fitting did not very well express 

our data points, can be considered acceptable.  

Finally, multivariate analysis of our data using PCA confirmed the critical role that fouling and density 

play in the determination of the sinking characteristics of plastics in the marine environment. Further 

work can be performed in this direction, by including more parameters, for instance surface 

roughness, hydrophobicity or the structure of the marine community attached on the plastic samples, 

in order to provide a spherical view of the factors affecting plastic sinking velocities.  

 

5.6. Concluding remarks 

In this work, the time evolution of the sinking velocity of five polymer types residing in Eastern 

Mediterranean Sea was examined, using a newly proposed combination of field and laboratory 

experiments, and data analysis. The critical effect of fouling growth and its relationship to the shape 

and size of the particles was established. The importance of extreme weather events that have the 

ability to alter the quantity of biofouling attached, was experimentally recognized for the first time 

in conjunction with the implications that might arise on the vertical movement and distribution of 
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plastics in the water column. Significant alterations of the sinking behavior of microparticles 

occurred after incubation of approximately 100 days and 35 days for polymers with densities lower 

and higher than that of the surrounding seawater respectively. Sigmoidal equations were proposed 

for describing the sinking of particles over time in the marine environment that could be further 

exploited in modeling studies. 
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Chapter 6. Extreme weather events as an 

important factor for the evolution of 

plastisphere but not the degradation process 
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6.1. Abstract 

Marine plastics, with their negative effects on marine life and the human health, have been recently 

recognized as a new niche for the colonization and development of marine biofilms. Members of the 

colonizing communities could possess the potential for plastic biodegradation. Thus, there is an 

urgent need to characterize these complex and geographically variable communities and elucidate 

the functionalities. In this work, we characterize the fungal and bacterial colonizers of 5 types of 

plastic films (High Density Polyethylene, Low Density Polyethylene, Polypropylene, Polystyrene and 

Polyethylene Terepthalate) over the course of a 242-day incubation in the south-eastern 

Mediterranean and relate them to the chemical changes observed on the surface of the samples via 

ATR-FTIR. The 16s rRNA and ITS2 ribosomal regions of the plastisphere communities were 

sequenced on four time points (35, 152, 202 and 242 days). The selection of the time points was 

dictated by the occurrence of a severe storm which removed biological fouling from the surface of 

the samples and initiated a second colonization period. The bacterial communities, dominated by 

Proteobacteria and Bacteroidetes, were the most variable and diverse. Fungal communities, 

characterized mainly by the presence of Ascomycota, were not significantly affected by the storm. 

Neither bacterial nor fungal community structure were related to the polymer type acting as 

substrate, while the surface of the plastic samples underwent weathering of oscillating degrees with 

time. This work examines the long-term development of Mediterranean epiplastic biofilms and is the 

first to examine how primary colonization influences the microbial community re-attachment and 

succession as a response to extreme weather events. Finally, it is one of the few studies to examine 

fungal communities, despite them containing putative plastic degraders. 

 

6.2 Introduction 

Increasing plastic demand and production, combined with improper waste management, have 

resulted in the estimated presence of 140 MT of plastics in the ocean (OECD, 2022). The 

Mediterranean Sea, characterized by low water exchange rate, high degree of economic activity and 

population density around its shores, has been identified as one the most plastic polluted regions of 

the planet (Cózar et al., 2015; Suaria et al., 2016), with model simulations indicating that 5 – 10 % of 

the global plastic mass is accumulated in the Mediterranean basin (Van Sebille et al., 2015). Residing 

in the marine environment, plastics interact with their surroundings, namely heat, radiation, 

mechanical forces or living organisms. As a result, plastics undergo chemical alterations and can 

possibly fragment into micro- (< 5 mm) or even nanoplastics (< 1 μm) (Andrady, 2011; Frias and 

Nash, 2019). Apart from potentially harming marine life and the human health (Sangkham et al., 
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2022), plastics, through their hydrophobicity, can act as substrates for the attachment and 

development of distinct complex communities called the plastisphere (Zettler et al., 2013).  

Despite the fact that oil based plastics have traditionally been considered non-biodegradable, it has 

been found that members of the plastisphere possess the potential for plastic degradation 

(Amobonye et al., 2021; Gambarini et al., 2022). Biodegradation could act as an attractive alternative 

to the existing plastic waste management schemes, such as landfilling, recycling or energy recovery, 

which have not yet been optimized (Kibria et al., 2023). Bacterial and fungal strains, such as 

Pseudomonas sp., Bacillus sp. and Aspergillus sp. have been recognized as plastic degraders 

(Amobonye et al., 2021; Singh Jadaun et al., 2022). Insect gut microbiome associated communities 

have also been successfully linked with the biodegradation of plastics (J. Zhang et al., 2020). 

Polyethylene (PE) is the most frequently used plastic polymer, followed by polypropylene (PP), 

polyvinylchloride (PVC) and polystyrene (PS) (PlasticsEurope, 2022). The biodegradation of the 

recalcitrant C-C backbone polymers has been investigated. The applications of PVC are long-term, in 

contrast to polyolefins, from which single-use products are mainly manufactured and therefore, 

contribute substantially to the plastic pollution (PlasticsEurope, 2022). For that reason, the highest 

number of biodegradation studies are referring to PE, followed by PP and PS (Singh Jadaun et al., 

2022). Polyethylene terephthalate (PET) degradation using microorganisms and their enzymes has 

also been specifically examined (Qi et al., 2022). 

The potential for plastic biodegradation has sparked the interest of researchers worldwide. The 

characterization of marine communities thriving on plastic surfaces has been the object of many 

recent studies (Kwee et al., 2022). Research has been mainly focused on prokaryotic, rather than 

eukaryotic community analysis (Koh et al., 2023; Robyn Joanna Wright et al., 2020). This can be 

explained by the increased complexity of eukaryotic genetic material and in consequence the 

increased difficulty in the application of sequencing techniques and data interpretation, but also the 

lack of substantial reference material and database entries (Tender et al., 2017). Plastics collected 

from the marine environment with unknown residence times have been frequently used for 

plastisphere analysis, as well as samples specifically introduced for this purpose to the environment 

for known periods of time (Robyn Joanna Wright et al., 2020). Deployment times are in general short, 

but deployments of up to 308 (Tender et al., 2017) or 719 days (Agostini et al., 2021) have been 

reported.  

It has been demonstrated that free-living microorganisms differ from those attached on plastic 

surfaces (Kirstein et al., 2018; Oberbeckmann et al., 2016, 2014). The effect of numerous 

environmental drivers, such as substrate type, geographic location, time, or biofilm maturation, on 
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plastisphere composition have been studied. Plastic associated communities can be defined by 

geographic location (Catão et al., 2021; Lacerda et al., 2020; Mothes et al., 2021) and season 

(Oberbeckmann et al., 2016). Substrate-related factors such as charge, hydrophobicity and 

roughness have been found to affect community attachment (Cai et al., 2019) and composition 

(Rummel et al., 2017), however there has been no definite consensus on whether the plastic type is 

a community defining parameter. For instance, Mincer et al. (Mincer and Zettler, 2016), 

Oberbeckman et al. (Oberbeckmann et al., 2016) and Witt et al. (Witt et al., 2011) agree that substrate 

type is irrelevant to the community structure, while Frère et al. (Frère et al., 2018), Hansen et al. 

(Hansen et al., 2021) and Pinnell and Turner (Pinnell et al., 2019) found substrate-specific 

differences. Biofilm composition and maturation, usually expressed in temporal terms, has been the 

most extensively examined parameter. Both the initial, as well as the long-term community 

composition have been studied. Initial colonizers, namely Proteobacteria, as well as the most 

commonly detected genera, such as Bacteroidetes, Firmicutes and Cyanobacteria, have been 

identified (Roager and Sonnenschein, 2019). 

For this study, 5 types of plastic films (LDPE, HDPE, PP, PS and PET) were incubated in Souda Bay 

(Crete, Greece) for 300 days. The chemical alterations of the polymeric structure throughout the 

experiment duration were examined monthly using ATR-FTIR, in conjunction with the plastisphere 

composition at four critical time points, in relation to a severe storm event. Both the bacterial and 

fungal community structure was examined, through the application of next generation sequencing 

(NGS) of the 16s rRNA and ITS2 ribosomal regions. In this work the non-linear observation of biofilm 

development is studied for the first time. The removal, reattachment and redevelopment of plastic 

residing communities on the examined substrates allowed us to investigate the hypothesis whether 

the previous existence of biofilm plays a determining role in the community succession. Finally, the 

understudied fungal plastisphere of the south-eastern Mediterranean is examined for the first time. 

 

6.3. Materials and methods 

6.3.1. Experimental setup 

Five types of oil-based plastic polymers in film form were used: LDPE, CaCO3 enriched HDPE, PP, PS 

and PET. HDPE films was purchased from Plastika Kritis S.A. (Heraklion, Greece), while the rest were 

contributed by A. Hatzopoulos S.A (Thessaloniki, Greece). The thickness of the film varied from 30 

μm (LDPE, HDPE, PP) and 36 μm (PET) to 500 μm (PS).  

A total of 12 film strips (surface area of each side: 30 cm x 2 cm) were prepared from each film type. 

Holes were made along each strip, to allow the insertion of stainless-steel wire. The wire was used to 
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secure the strips in place inside four (4) metallic cages which would allow the submersion of the 

plastic film strips in the sea, while also protecting them from being washed away by currents and 

waves. LDPE, HDPE, and PP were each incubated in their designated cages. PS and PET were placed 

together in the fourth cage, due to their distinct characteristics (colour, thickness, and hardness) that 

made it impossible for the two polymers to be confused.  

 

6.3.2. Field incubation and sampling 

An octagonal floating device was constructed from polyvinyl chloride (PVC) pipes (d = 0.125 m) after 

filling them with polyurethane foam. The use of the foam trapped air inside the pipes and at the same 

time acted as water insulation, thus guaranteeing constant floatation of the device. The four cages 

containing the plastic films were tied diametrically on opposite sides of the device, to ensure balanced 

loading. The polymer films were incubated in Souda Bay, Crete, Greece (35.480077, 24.111419) for 

300 days (18/06/2019 - 18/04/2020).  

Samplings were performed on the 35th, 67th, 102nd, 152nd, 202nd, 242nd and 300th day, respectively. 

During each sampling, one strip from each film type was permanently removed from the metallic 

cage, stored in pre-sterilized glass jars, and transferred to the lab.  

On the 175th day the incubation site was affected by strong winds, with speeds up to 75 km/h (9 Bf). 

The resulting wave activity contributed to the removal of the biofilm which had developed on the 

surface of the samples. Biological deposition on the polymeric surface resumed when the weather 

conditions allowed it. Thus the biofilm on the surface of the polymers can be classified as follows: the 

biofilm on the polymers on the 35th day (before the storm, initial maturation– BI), the biofilm on the 

polymeric surface before the storm (before the storm, final maturation – BM), the biofilm initially 

reattaching after the storm (after the storm, initial maturation – AI) and finally, the biofilm on the 

polymers after sufficient time has elapsed for its re-maturation (after the storm, final maturation – 

AM). Loss of the cage containing the HDPE samples due to intense wave prior to the 300th day 

sampling led to the selection of the 242nd day as the final date of sampling. Thus, it was possible to 

analyze the community of all polymer types on the same timeline. 

 

6.3.3. Sample preparation 

At the time of analysis, the plastic films were cut in 15 (fifteen) 2 cm x 2 cm square pieces. On three 

(3) randomly selected pieces, the biofilm was fixed to be examined with scanning electron 

microscopy (SEM). The fixation process consisted of initial washing with phosphate buffer solution 

(PBS, 0.1 M, pH = 7.4), followed by fixation with a 2% formaldehyde solution in deionized water. The 
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fixed samples were then washed in deionized water for the removal of the formaldehyde, and serial 

ethanol (completely denatured with 1% Ethyl methyl ketone, 1% isopropyl alcohol, 1 g/100 L 

Denatonium benzoate, Merck) ~ deionized water solutions (25%, 50%, 75%, 90%). The samples 

were finally dried at 45 oC for 72 hours. Careful sample handling ensured that no biofilm would be 

removed from the surface of the plastics pieces.  

The biofilm was removed from the rest of the polymer squares (12) by gentle scraping the surface 

with sterilized loops. The biofilm from each piece was stored in –20 oC for further analysis. The plastic 

squares were washed further by placing them on a mechanical mixing table (120rpm) for 3 days in 

50 mL falcon tubes containing 40 mL of a Tween80 ~ deionized water solution. At the end of the 3rd 

day, the wash liquid was stored in –20 oC, while the plastic squares underwent a final washing; they 

were placed in 50 mL falcon tubes containing 10% Sodium dodecyl sulphate (SDS) and vortexed at 

high speed. After two hours, the plastic squares were removed from the tubes and dried at 45oC for 

72 hours.  

 

6.3.4. Attenuated total reflection - Fourier transform infrared spectroscopy (ATR-FTIR) 

The functional groups on the surface of the virgin and biofilm-free polymers over time were 

identified using ATR-FTIR. Two sides from 4 (four) biofilm-free square film samples of each type 

were analysed after each sampling. A Nicolet iS50 FTIR spectrometer equipped with a diamond ATR 

accessory (Thermo Scientific, USA) was used to acquire spectra. Spectrum visualization and 

processing was performed with the OMNIC software (Thermo Scientific, USA). A total of 32 scans was 

acquired for each sample, in the spectral range of 4000cm-1 – 400cm-1, with a scanning resolution of 

4 cm-1. Spectra were analysed using Spectragryph software version 1.2.16 (Menges, 2022). From the 

absorptions at specific wavenumbers of each spectrum, the values for five indices were calculated: 

The keto carbonyl (KCBI), ester carbonyl (ECBI), vinyl bond index (VBI), internal double bond index 

(IDBI) and carbonyl (CI)  indices (Albertsson et al., 1987; Rajakumar et al., 2009). The calculation 

values for each polymer can be found in Table S1. 

 

6.3.5. Scanning electron microscopy (SEM) 

The surface of the polymers, as well as the structure of the attached biofilm and community were 

observed under a scanning electron microscope. Virgin polymer samples and biofouled samples 

collected on the 242nd day were coated with 20 nm of gold using a SCD 050 sputter coater (Bal-Tec). 

Scanning electron microscopy was performed with a JSM-6390LV SEM (Jeol, USA). 
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6.3.6. Biofilm quantification and genomic DNA extraction 

Prior to washing, the biofilm was quantified on the surface of three (3) of the plastic square pieces, 

following the protocol of  (Lobelle and Cunliffe, 2011b). Biofilm quantity was then expressed as 

optical density per surface area (O.D./cm2). 

For the extraction of the genomic DNA, the DNeasy PowerSoil Pro Kit (Qiagen, Germany) was used, 

according to the manufacturer’s instructions. The resulting DNA concentration was measured on a 

Qubit 4 fluorometer (Invitrogen, Thermo Fisher Scientific, Waltham, MA, USA), using the Qubit 

dsDNA high sensitivity assay.  

 

6.3.7. 16s RNA and ITS2 amplicon sequencing and data processing 

The V3-V4 regions of the 16s rRNA gene and the ITS2 ribosomal region were sequenced for bacterial 

and fungal communities. Sequencing was performed in 3 biological replicates on an Illumina NovaSeq 

PE250 (2 x 250 bp) system by Novogene (UK) Company Ltd. (Cambridge, UK), using the bacterial 

primers 341F/806R (5’-CCTAYGGGRBGCASCAG-3’ / 5’-GGACTACNNGGGTATCTAAT-3’) and fungal 

primers ITS3/ITS4 (5’-GCATCGATGAAGAACGCAGC-3’ / 5’-TCCTCCGCTTATTGATATGC-3’).  

Bioinformatics analysis was performed in R version 4.0.0 (R Core Team, 2021) in the R Studio 

environment version 1.3.959. The DADA2 pipeline was employed for the analysis of the resulting 

fastq files using the corresponding R package (Callahan et al., 2016). For ITS data, cutadapt version 

3.7 (Martin, 2011) in conjunction with Python version 3.11.0a4 (van Rossum, 1995) was used to 

remove primers and barcodes prior to further analysis. Chimeric sequences, mitochondria and 

chloroplasts were removed. Taxonomy assignment was performed using the SILVA version 138 

(Quast et al., 2013; Yilmaz et al., 2014) database for the 16s  rRNA region and UNITE database 

(Nilsson et al., 2019) for the ITS2 region. The DECIPHER R package (Wright, 2016) was used for 

multiple amplicon sequence variant (ASV) alignment and the phangorn R package version 2.8.1 

(Schliep, 2011) was used for the construction of a phylogenetic tree. The sequence table produced by 

DADA2, the sequence taxonomies, the phylogenetic tree, along with the sample metadata were 

imported in the phyloseq R package version 1.38.0. The resulting phyloseq object was used for 

downstream analysis. 

The R package microeco (C. Liu et al., 2021) was used for further analysis. To eliminate the influence 

of sequencing depth on community diversity, bacterial samples were rarefied to 56096 reads and 

fungal samples to 15336 reads. Alpha diversity was evaluated using the observed number of taxa, as 

well as the Shannon and Simpson indices for diversity and evenness. Kruskal-Wallis rank sum test 

and one-way ANOVA were performed to examine the significance of the observed differences. The 
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attached communities were ordinated with non-metric multidimensional scaling (NMDS) based on 

the Bray-Curtis distance with the R package vegan (Oksanen, JariJari Oksanen, F. Guillaume Blanchet, 

Michael Friendly, Roeland Kindt, Pierre Legendre, Dan McGlinn et al., 2020). Pairwise PERMANOVA 

(999 permutations) using the Bray-Curtis distance was conducted to examine the statistical 

significance among substrates and biofilm phase. The significant bioindicator taxa across groups 

were identified using Linear discriminant analysis Effect Size (LEfSe) (Segata et al., 2011). 

Redundancy analysis (RDA) was applied to distinguish the environmental factors affecting the 

observed variation among samples. Metabolic function prediction for the bacterial communities was 

realized using Tax4Fun (Aßhauer et al., 2015). PlasticDB (Gambarini et al., 2022) was utilized to 

identify putative biodegraders among the identified taxa.  

 

6.4. Results 

6.4.1. Attenuated total reflection - Fourier transform infrared spectroscopy (ATR-FTIR) 

Chemical alterations could be observed over time in the ATR-FTIR spectra of all polyolefins 

examined. More specifically, a wide peak corresponding to OH- stretching carboxylic acids appeared 

in the 3000-3650 cm-1 regions of the spectra of LDPE, HDPE, and PP. Stretching C=C bonds appeared 

over time in the form of weak peaks at 1610 cm-1 for LDPE and PP samples and a peak at 1650 cm-1 

corresponding to C=O stretching was detected for HDPE samples. C-O stretching bonds could be 

identified at 1050 cm-1 and at 1100 cm-1 in the spectra of the three polymers. For PP a peak at 907 

cm-1 could be detected, corresponding to the deformation of carboxylic acid and the C-H deformation 

of aldehydes and vinyl groups. The spectrum of LDPE can be seen in Figure 6.1, along with the values 

of the KCBI, ECBI, VBI, IDBI and CI over time. Those of HDPE and PP in Figures S56 and S57, 

respectively. The ATR-FTIR spectra of the cleaned PS (Figure S58) and PET (Figure S59) samples did 

not reveal any change to the chemical structure of the polymers. 
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Figure 6. 1: (a) ATR-FTIR spectra of LDPE samples over time. (b) Index values for LDPE over time. 

 

6.4.2. Scanning electron microscopy 

The surface of the plastic samples facilitated the attachment of macroscopic organisms such as 

marine plants, macroalgae, insects, barnacles, and cephalopod eggs. Marine algae development could 

also be observed by the naked eye. SEM images allowed the microscopic inspection of the biofilm 

structure and other fouling agents attached on the samples. Along with the ever-present EPS 

structures (Figure 6.2a), marine fungal hyphae (Figure 6.2b) and numerous diatom species (Figure 

6.2c, 6.2d, 6.2e) were present on all polymer types. The mineral exoskeletal formations of bryozoans 

(Figure 6.2f) were also identified on all samples. Coccolithophores (Figure 6.2g) were present on 

LDPE and PS samples, while calcareous worm tubes (Figure 6.2h) were photographed on HDPE, PS 

and PET.  
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Figure 6. 2: (a) EPS structure on PET sample, (b) fungal hyphae on LDPE sample, (c) diatom on PP sample, (d) diatom on PS 

sample, (e) diatom on PS sample, (f) mineral exoskeletal bryozoan formation on HDPE sample, (g) coccolithophore on PS 

sample, (h) calcareous worm tube on HDPE sample. 

6.4.3. Southwestern Mediterranean bacterial and fungal plastisphere communities 

The examination of the communities was performed before and after the removal of biofilm by a 

storm on the 175th day. Two occasions were selected: early after the biofilm development and prior 

to its removal by the natural event. Therefore, analysis was performed on samples of all polymer 

types collected on the 35th (Before Initial – BI), 152nd (Before Mature – BM), 202nd (After Initial – AI) 

and 242nd (After Mature – AM) day. A total of 57 bacterial and 52 fungal samples were successfully 

sequenced, producing a total of 5692212 and 4835711 raw reads, respectively. After rarefaction, 

7481 unique bacterial and 6367 unique fungal taxa remained for analysis. 

 

6.4.3.1. Community composition 

At the phylum level (Figure S60) Proteobacteria dominated the bacterial communities (43.9% - 

98.5%), followed by Firmicutes (0.75% - 24.2%), Actinobacteria (0.3% - 51.5%) and Bacteroidetes 

(0.1% - 18.1%). The prevalence of Actinobacteria is especially pronounced in samples collected 

before the removal of biofilm (BI), while Bacteroidetes are highly abundant in the mature biofilm 

samples before the removal due to extreme wind and wave activity (BM). Firmicutes, on the other 

hand, were notably prevalent in biofilm samples collected after the re-establishment of the biofilm 

(AI and AM). The 10 most abundant bacterial genera for each polymer per biofilm phase can be seen 

in Figure 6.3. The prevalence of Acinetobacter (39.1% - 88.7%) in mature biofilms can be observed, 

both in samples collected before the removal and after the redevelopment of biofilm (AM and BM), 

regardless of the substrate type. Pseudomonas is very common (7.8% - 32.1 %) among the genera on 

a b c d 

e f g h 
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the surface of HDPE, PET, and PP during the second cycle of biofilm development (AM). The genus 

Cutibacterium, although present in the composition of all BI communities, is more abundant in PS 

and PET samples. Similarly, the genus Ralstonia, despite barely being detected in mature biofilms on 

any polymer type, is quite common in the BI communities developing on the surface of HDPE (3.5% 

- 11.3%), LDPE (3.5% - 5.6%) and PS (2.6% - 10%). The percentage of genera represented in “Others” 

is higher in both BI and AI, when compared with BM and AM.  

Ascomycota is the dominant fungal phylum (82.4% - 99.5%), followed by Basidiomycota (0.4% - 

3.5%) (Figure S61). At the genus level, Aspergillus was found to be the most abundant (2.1% - 87.4%), 

followed by Engyodontium (0.8% - 70.5%), Candida (0.1% - 52.6%) and Nacaseomyces (0.1% - 

34.7%). The relative abundance of Engyodontium is higher in mature communities (AM and BM). 

Relative abundances of low representation genera listed as “Others” in initial fungal communities (AI 

and BI) can also be observed (Figure 6.4).  

 

Figure 6. 3: Relative abundance of bacterial genera present in bacterial biofilm collected from the surface of each polymer type, 

associated with fouling phase (AI, After removal Initial; AM, After removal Mature; BI, Before removal Initial; BM, Before 

removal Mature). 
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Figure 6. 4: Relative abundance of fungal genera in fungal assemblages collected from the surface of each polymer type, 

associated with fouling phase (AI, After removal Initial; AM, After removal Mature; BI, Before removal Initial; BM, Before 

removal Mature). 

6.4.3.2. Bacterial and fungal community diversity 

The polymeric substrate did not affect the community alpha diversity (Figure S62). The number of 

observed bacterial ASVs on the surface of the different polymers were higher than the number of 

observed fungal ASVs. Bacterial diversity, expressed as the Shannon Index value, did not vary 

significantly among the various polymeric surfaces. For fungi, the community diversity was lower on 

PP and higher on PS. Statistically significant differences were not detected for either bacterial or 

fungal communities in terms of diversity, evenness, or richness, when the polymer type is the 

distinguishing factor (Table S4). The communities displayed significant dissimilarities, however, 

when examined with reference to the phase of the fouling community (Table S5). More specifically 

(Figure S63), the bacterial community initially developing on the polymers after few days of their 

deployment in the marine environment (BI) was more diverse, characterized by a higher number of 

observed ASVs, as well as a higher Shannon Index value. As the attached community thrived for 

prolonged period (BM), the values of both alpha diversity indexes decreased. Recolonization of 

fouling agents after the bad weather (AI) resulted again in an increase, despite not reaching the initial 

levels (BI). Further maturation of the bacterial community (AM) brought forth further limitation of 

the bacterial community, with diversity almost equal to that observed prior to the biofilm removal. 

The early fungal community (BI) was characterized by 250.1 ± 79.8 observed taxa and a Shannon 

Index value of 1.9 ± 0.6. Upon maturation (BM), fungal diversity was lower (observed = 136.1 ± 66.0, 

Shannon Index= 1.4 ±0.6). The community diversity increased anew after the reattachment of fouling 

agents (AI), without however reaching the exact values of the BI samples (observed = 231.7 ± 55.1, 

Shannon = 2.1 ± 0.7). The final mature community (AM) diversity was the lowest we encountered 
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(observed = 90.4 ± 37.2, Shannon Index = 1.0 ± 0.4). 

Non-metric multidimensional scaling (NMDS) revealed the distinct composition of bacterial 

communities among biofilm phases (Figure 6.5a). Some overlap of the mature communities (BM and 

AM) can be observed, while the two freshly developed bacterial assemblages are clustered in a very 

clear way. The effect of the polymer type acting as a substrate is negligible in community composition. 

PERMANOVA analysis further supports this result since all of the pairwise comparisons between 

polymer types were statistically insignificant (P > 0.07). At the same time, pairwise comparisons 

between biofilm phases generated statistically significant results in all cases (P < 0.001). The overlap 

of fungal communities observed in the NMDS plot (Figure 6.5b), regardless of substrate type or 

biofilm phase was also supported by PERMANOVA. More specifically, pairwise comparisons between 

substrate types did not produce statistically significant results (P > 0.112). Comparisons between the 

biofilm phases also did not reveal any statistically significant differences between the communities 

(P > 0.197).  

The number of unique bacterial ASVs for each polymer type, as well as each biofilm phase was 

determined. A total of 630 ASVs were detected on all substrates, while the highest number of unique 

ASVs was detected on the surfaces of PET samples (Figure S64a). The situation was quite different 

when it came to fungal community attachment on plastic substrates. Only 100 ASVs were shared 

among all substrate types, with most unique ASVs being observed on PS (Figure S64b). A total of 544 

bacterial taxa were present in all biofilm phases. Initial biofilms presented with higher unique ASV 

numbers, which decreased with biofilm maturation (Figure S64c). A miniscule 104 fungal ASVs were 

common among all four biofilm stages. Fungal communities were similarly characterized by high 

initial unique ASV abundances which were reduced as the biofilm matured (Figure S64d). 
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Figure 6. 5: NMDS ordination of Bray-Curtis distances of a) bacterial and b) fungal communities. 

 

6.4.3.3. Biomarkers 

LefSe analysis allowed the identification of biomarkers of the separate biofilm phases. Despite the 

statistically significant differences in the composition of the bacterial and fungal communities 
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studied in this work, few taxa could be exclusively identified per biofilm phase, thus acting as 

biomarkers of each biofilm phase. Interestingly, only taxa corresponding to the initial phases of 

biofilm development could be determined. The class Actinobacteria was characteristic of the 

bacterial biofilm initially developing on the surface of the polymers (BI), while the phylum Firmicutes 

of the first stages of biofilm re-development after its removal (AI) (Figure S65). The fungal phylum 

Basidiomycota discriminated the AI biofilm stage from the other three (Figure S66).   

 

6.4.3.4. Community differentiation factors 

Redundancy analysis (RDA) showed how environmental factors were related to the community 

development on the plastic samples. More information on the examined factors, with a focus on 

biofilm quantification and sinking characteristics of the samples were provided by Karkanorachaki 

et al. (Karkanorachaki et al., 2021). Well defined clustering can be observed in the biplot for the 

bacterial samples (Figure S67). The number of cells in the biofilm influences the BI, AI, and AM 

samples. This is not the case for the BM samples, however. The density of the polymer was the 

significant factor in separating PET and PS in BM samples, as expected, but that does not apply for 

the other groups of samples. The alterations of chemical structure of the sample surfaces with time, 

expressed as ATR-FTIR indices, affected the community as well. For fungal samples (Figure S68) no 

clear clustering can be observed and none of the parameters examined has a significant effect on the 

samples’ behaviour.  

 

6.5. Discussion 

The semi-enclosed Mediterranean Sea has been identified as one of the most heavily polluted areas 

by plastic and microplastic waste worldwide (Cózar et al., 2015; Eriksen et al., 2014; Suaria et al., 

2016). Given its oligotrophic status (Krom et al., 2004), available substrates such as plastics allowing 

for secure attachment and nutrient utilization (Song et al., 2023), and at the same time acting as a 

potential carbon source are easily colonized by marine organisms; thus the Mediterranean 

“plastisphere” is formed (Amaral-Zettler et al., 2020; Zettler et al., 2013). This work constitutes the 

examination of the composition of the plastisphere communities throughout the longest-term in-situ 

incubation in the Mediterranean Sea of 5 types of plastic films, in relation with polymer substrate and 

biofilm stage. The removal and re-establishment of biofilm by extreme wind and wave activity during 

the 242-day duration of the experiment, allowed for the first time the systematic examination of 

community succession in the perpetually dynamic manner which characterizes natural ecosystems.  

Biofilm presence has been linked with surface changes in the physicochemical properties of PE, PP 
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and PS beads (McGivney et al., 2020). Incubation of LDPE, HDPE and PP in the Mediterranean Sea 

resulted in structural changes to their surface. The presence of oxygen containing moieties in the 

polymeric chains of the samples, namely carboxylic acids and carbon oxygen bonds, could be 

attributed to photodegradation, the result of the effect of solar radiation (Gewert et al., 2015a). 

Incremental increase of the vinyl bond (VBI) and internal double bond index (IDBI) values in the 

initial stages of the incubation period indicates biodegradation (Harshvardhan and Jha, 2013), while 

their decrease over the next stages can be attributed to further biological dissolution of the 

unsaturated bonds (Chamas et al., 2020). This pattern of bond formation and dissolution, as the result 

of biological process has previously been observed in marine microcosm and mesocosm degradation 

experiments (Chapter 4). The highest values of all indices were observed for PP samples, followed by 

LDPE and HDPE, as expected by the structure of the respective polymeric chains (Chamas et al., 2020; 

Gewert et al., 2015a; Syranidou et al., 2023). Signs of degradation process, however, could not be 

detected on the surface of PS and PET samples, which remained unchanged throughout the 

experiment. PS is considered very susceptible to photooxidation and there has been evidence of its 

biodegradation (Ho et al., 2018). At the same time, neither photooxidation, nor hydrolysis, the main 

degradation mechanisms of PET in marine environments (Gewert et al., 2015a), were observed. It 

can be inferred that the development of biofilm and biofouling on the surface of the samples was 

acting as a shield the polymers from the effect of their immediate environment (hydrolysing water 

and UV radiation). Bacterial biofilms have been found to cause changes to the properties of polymers, 

such as the roughness, stiffness and crystallinity, similar to these caused by photooxidation 

(McGivney et al., 2020). Furthermore, reactive oxygen species (ROS) produced by the hydrocarbon 

degrading bacterium Alcanivorax has been hypothesized to cause abiotic-like oxidation of PE 

(Zadjelovic et al., 2022). It might be prudent to assume, however, that the observed result could be a 

combination of biotic and abiotic processes (Chapter 4) (Karkanorachaki et al., 2023). The initial 

oxidation of the polymer, resulting in hydrophilicity and surface to volume ratio modifications, and 

therefore more effective biofilm attachment, was caused initially by radiation from the sun (Takada, 

2019). After the establishment of the marine community biofilm, biotic processes dominate the 

degradation mechanism. The enrichment of the “Xenobiotics Biodegradation and Metabolism” 

pathway in the predicted BI community metabolic function (Figure S69) could possibly be linked 

with the decrease in the values of the ATR-FTIR indices, since chain scission products from PE 

weathering have been found to enrich hydrocarbon degrading bacteria, with the potential to degrade 

plastics, as well (Erni-Cassola et al., 2020).  

Images acquired by SEM revealed the complexity of the south-eastern Mediterranean plastisphere. 
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The presence of exopolymeric substance matrices, fungal hyphae, diatoms, and calcareous 

formations by marine organisms imply the development of a multi-level network of interactions. 

Diatoms and bacterial biofilms have been recognized as the main plastic colonizers, however that 

might be the result of the limited number of works on marine fungi and other eukaryotic 

communities (Amaral-Zettler et al., 2020). Mixed diatom and bacterial biofilm structures have 

previously been detected on polyethylene and biodegradable plastic bags showing degradation signs, 

following incubation in the Mediterranean Sea for 15 and 33 days  (Eich et al., 2015). In the Caribbean 

Sea, marine incubation of six types of plastics for six weeks revealed the presence of bacteria, as well 

as diatoms, dinoflagellates, red, green, and brown algae, parasitic ciliates and apicomplexans (Dudek 

et al., 2020). Confocal laser scanning microscopy (CLSM) on everyday plastic item samples incubated 

in Vineyard Sound (Massachusetts, U.S.A.), revealed high initial diatom abundances, which 

subsequently were reduced by the introduction of more colonizers (Zhao et al., 2021). Microplastic 

sample communities from the North Pacific Gyre were dominated by bacilli and pennate diatoms, 

while coccoid bacteria, centric diatoms, dinoflaggelates, coccolithophores and radiolarians were also 

detected (Carson et al., 2013). Plastic associated communities from 68 microplastics collected from 

Australian marine and coastal environments were more diverse, with a variety of diatom genera, 

coccolithophores, bryozoans, barnacles, bacteria, cyanobacteria, fungi, a dinoflagellate, an isopod, a 

marine worm and marine insect eggs (Reisser et al., 2014). 

A large volume of the existing literature on the subject of plastisphere composition is based on 

“snapshots” of the communities, as the plastics are commonly sampled from the marine environment, 

with no knowledge of the prior history of the examined samples (Robyn Joanna Wright et al., 2020). 

Despite the fact that it is possible to get an inkling of the weathering degree of a plastic sample 

spectroscopically (Ioakeimidis et al., 2016) or by microscopic examination of fragmentation and 

cracking (Meides et al., 2022), it is impossible to actually know its residence time in the marine 

environment or the history of biofilm formation and community succession. A closer inspection of 

the bacterial and fungal communities attached on the polymers via NGS reveals that the epiplastic 

community composition is dynamic and time dependent. Plastic colonization in the marine 

environment is a matter of minutes, with maturation being achieved after approximately 9 days 

(Erni-Cassola et al., 2020; Latva et al., 2022). Maturation of biofilm is a dynamic process and can 

involve several phases (Jacquin et al., 2019). Bacteroidetes (Latva et al., 2022) and Proteobacteria, 

namely Gammaproteobacteria (Jin-Woo Lee, Ji-Hyun Nam, Yang-Hoon Kim, Kyu-Ho Lee, 2008; Pollet 

et al., 2018) and Alphaproteobacteria (Wright et al., 2021), are recognized as the early stage 

colonizers. Proteobacteria (genera Acinetobacter, Pseudomonas, Klebsiella, Sphingomonas, 
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Burkholderia) was the main observed bacterial phylum in all time points of this work, with 

Bacteroidetes being also abundant, especially in biofilm matrices of prolonged exposure. The 

succession of Proteobacteria by Bacteroidetes in marine samples from India was observed with 

biofilm maturation (Sushmitha et al., 2021). The sessile lifestyle and macromolecule utilization 

capacity of Bacteroidetes can be assumed to be favoured by the development of a stable ecocorona, 

thus enabling the fresh enrichment of Bacteroidetes in the later stages of colonization (Latva et al., 

2022). Firmicutes have been previously identified in laboratory scale enrichment studies using 

indigenous marine Mediterranean communities (Syranidou et al., 2019c, 2017b, 2017a). 

Actinobacteria, most famously the genus Rhodococcus (Gilan and Sivan, 2013),  have also been 

detected in polymer-attached marine biofilms (Hansen et al., 2021; Oberbeckmann et al., 2016). 

Previous assemblages from plastic particles residing in the Mediterranean Sea indicated increased 

Cyanobacteria abundances (Dussud et al., 2018), in accordance with our findings. Interestingly, the 

genus Vibrio, which has been reported to dominate plastic-residing bacterial communities (Amaral-

Zettler et al., 2020), was not among the most abundant taxa observed here. Fungal communities have 

not yet been studied extensively (Robyn Joanna Wright et al., 2020). Saprotrophic Ascomycota 

(genera Aspergillus, Engyodontium, Candida, Cladosporium), the dominant phylum in the examined 

fungal communities, and Basidiomycota were highly abundant in samples from three distinct aquatic 

ecosystems (Kettner et al., 2017), the western South Atlantic and the Antarctic Peninsula (Lacerda et 

al., 2020) and certain cave system samples (Latva et al., 2022). The clear prevalence of Ascomycota 

over Basidiomycota could in part be attributed to amplification bias introduced by systematic length 

differences of the ITS2 region (Bellemain et al., 2010), but it could also be related to regional 

dominance of the phylum (Lacerda et al., 2020).  

No agreement has been reached among researchers on whether the polymer type acting as substrate 

affects the attached microbial community composition. On the one hand, it has been found that there 

is a clear distinction between polyolefin (PP, PE) and PS attaching microbial communities (Frère et 

al., 2018), as well as among PE, PP and PS (Amaral-Zettler et al., 2015; Hansen et al., 2021) and 

polyolefins and PVC (Pinto et al., 2019). Metanalysis of the existing literature is in agreement with 

our conclusion that no significant community differentiation exists among the different plastic 

polymers (Oberbeckmann and Labrenz, 2020; Wright et al., 2021). Genomic and proteomic 

examination of marine biofilms on PE, PS and wood concurred that the type of plastic did not affect 

the community composition (Oberbeckmann et al., 2021). The degree of weathering of the polymeric 

substrate, however, has been recognized as a community structure driving force (Erni-Cassola et al., 

2020). Geographic location has been instead identified as a determining factor of the plastisphere 
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composition (Basili et al., 2020; Kettner et al., 2017; Oberbeckmann et al., 2021), along with other 

environmental factors, such as salinity and nutrient concentrations (Oberbeckmann et al., 2017).  

The time-dependent nature of the community succession has been elucidated from field experiments 

aiming to create accurate time series (Robyn Joanna Wright et al., 2020). Field experiments, however, 

can be disrupted by external factors and therefore are usually short-term and focus mainly on the 

initial stages of epiplastic community assemblage and succession. The incidence of a severe storm on 

the 175th day of incubation in Souda Bay did not interrupt our experiment, but remarkably allowed 

us to examine for the first time the bacterial and fungal succession of the mature epiplastic 

community in two time points before and after the removal of the initial biofilm. The decrease in 

alpha diversity observed in both instances, before the removal and after the re-establishment and re-

maturation of the biofilm, implies the tendency of the systems to be move towards less diverse and 

more stable conditions, regardless of the starting point or the weathering degree of the polymer 

acting as substrate. The alpha diversity of fungal communities we observed was consistently lower 

than those of bacterial communities, and the differences observed were less pronounced. This 

observation can in part be attributed to amplification bias during the ITS region sequencing 

(Bellemain et al., 2010), as well as the fact that fungal hyphae contributed to the more secure 

attachment of fungi on the polymeric surface. Additionally, fungal growth rates are significantly 

lower than bacterial (Rousk, 2011). Therefore, the 42 days elapsing between the AI and AM 

samplings might prove insufficient time for quantifiable changes in the fungal community 

composition. These assumptions can also be supported by the fact that no clear clustering can be 

observed in the RDA biplot.  

Already a large number of bacterial, fungi and other microorganisms of marine origin have been 

linked with plastic biodegradation (Amobonye et al., 2021; Oberbeckmann and Labrenz, 2020; 

Roager and Sonnenschein, 2019; Singh Jadaun et al., 2022; Wright et al., 2021). Hydrocarbon 

degraders, such as Alcanivorax borkumensis (Delacuvellerie et al., 2019; Zadjelovic et al., 2022), have 

been found to degrade polyethylene. No members of the hydrocarbon degrading communities, 

suspected to also degrade plastics, have been greatly represented among our samples. Utilization of 

PlasticDB (Gambarini et al., 2022) data allowed the cross reference of the 10 most common among 

the identified genera with proven plastic degraders. Pseudomonas sp., a versatile xenobiotics 

degrader, has been identified as a plastic degrader (R A Wilkes and Aristilde, 2017). Several species 

of the genus Pseudomonas have been reported as degraders of LDPE (P. aeruginosa, P. chlororaphis, 

P. cintronellolis, P. fluorescens, P. monteilii, P. putida, P. syringae, P. protegens), HDPE (P. aeruginosa, 

P. fluorescens), PP (P. azotoformans), PS (P. aeruginosa, P. putida, P. linii) and PET (P. aestusnigri, P. 
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oleovorans, P. mendocina). Stenotrophomonas species have been found to potentially degrade 

polyolefins, such as LDPE (S. humi, S. maltophilia), HDPE and PP (S. panacihumi). The genus 

Acinetobacter contains A. baumannii, listed as a putative LDPE and PET degrader, as well as A. pittii 

(degrading LDPE) and A. johnsonii (degrading PS). Paenibacillus has been assumed to degrade HDPE, 

LDPE (P. macerans) and PS (P. urinalis). Rhizobium viscosum, and Klebsiella pneumoniae are 

considered among the degraders of LDPE and HDPE, accordingly). When it comes to fungi, a plethora 

of Aspergillus species have been identified as putative plastic degraders (LDPE: A. clavatus, A. flavus, 

A. fumigatus, A. japonicus, A. nidulans, A. niger, A. nomiae, A. oryzae, A.  terreus, A. brasiliensis, HDPE: 

A. flavus, A. niger, A. terreus, A. tubingensis, PET). Finally, Cladosporium cladosporioides has been 

proclaimed to degrade PET. Comparison of our communities to the genome of PET degrading 

Ideonella Sakaiensis, however, did not reveal active shared metabolic pathways (Gambarini et al., 

2022). Interestingly, most of the aforementioned plastic degraders have been isolated by soil or 

landfill sites, raising questions on our ability to isolate plastic degraders from the marine 

environment, or even whether marine organisms possess the capacity to degrade plastics. 

Pathogenic taxa, as well as antibiotic resistant genes, have been detected among the plastic 

colonizers. The increased transfer potential of the pathogenic taxa enriched biofilms could be linked 

with negative implications for the health of not only humans, but also of marine ecosystems (Bowley 

et al., 2021; Kaur et al., 2022; Syranidou and Kalogerakis, 2022). The most abundant bacterial species 

among the ones detected in this work, and more specifically the A. baumannii, which has been linked 

with LDPE and PET degradation, is a well-known drug resistant human pathogen (Antunes et al., 

2014). The genera Pseudomonas and Klebsiella are also known as potential pathogens (Silby et al., 

2011; Ullmann, 1998), with P. aeruginosa causing 10% of nosocomial infections in most European 

hospitals (Bentzmann and Plésiat, 2011). Burkholderia contains human, animal, as well as plant 

pathogenic species (Nowak and Coenye, 2008). Stenotrophomonas, Paenibacillus and Ralstonia have 

the potential to be pathogenic to humans (Adegoke et al., 2017; Grady et al., 2016; Ryan and Adley, 

2014). Aspergillus species cause allergies and pulmonary diseases (Barnes and Marr, 2006), while 

Clodosporium has been linked to plant pathogenicity, and recently to coastal plants (Liu et al., 2017). 

 

6.6. Concluding Remarks 

Plastisphere community composition field studies have so far been mostly short term and focused 

on the initial stages of biofilm formation and maturation. Plastics, however, are recalcitrant 

compounds and can reside in the marine environment for decades, if not centuries. Long residence 

times allow for multiple interactions of plastic waste with environmental factors, which would lead 
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to the random removal and reattachment of marine biofilms. Climate change has been predicted to 

globally bring forth severe weather events, such as storms or even hurricanes, which would cause 

the ocean residing plastic surface cleaning and recolonization. The stochastic rather than simply time 

dependent consideration of colonization allowed the examination of the effect of a pre-existing 

biofilm on (a) the south-eastern Mediterranean marine community composition and succession and 

(b) the polymer itself. While the extent of degradation of the polymer was found to fluctuate 

throughout the experimental period, the plastisphere community showed a tendency for less diverse, 

more stable compositions. It is important to mention that the community composition of bacterial 

biofilms did not eventually converge with prolonged attachment; instead, they were significantly 

different. To elucidate whether significant community structure change occurs over time, the 

unchanging fungal communities should be studied deeper and in more long terms experiments, 

especially given their prolonged growth rates. The potential for both biodegradation and 

pathogenicity were also identified. This work highlights the necessity for comprehensive and 

stochasticity-including examination of the plastisphere. That, in conjunction with polymer 

deterioration monitoring could eventually lead to the detection of plastic degrading members of the 

plastisphere and a biological solution to the global problem of plastic pollution. 
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Chapter 7. Conclusions and Recommendations 

 

In this dissertation, the four most important processes of plastic degradation and the interplay 

among them were examined, so that the question “where is the plastic we cannot detect?” would be 

answered. At the same time, it was explored whether real world conclusions drawn from the results 

of micro- and mesoscale experiments can be considered accurate.   

 

• The theoretical hypothesis that prior abiotic degradation of polymers allows their faster and 

more effective colonization and degradation by microorganisms was confirmed. 

• Attachment of colonizers and development of biofouling is correlated with the sinking 

characteristics of microplastics and non-spherical film mesoplastics. Size, density, and 

biofilm accumulation affected the sinking behavior. Sigmoid curves can explain both 

biofouling development and sinking velocity changes. 

• Mixed marine bacterial communities possess the potential to thrive in a plastic-rich, 

otherwise carbon-starved environment. A short period of time is required for the 

acclimatization of the microorganisms to the consumption of plastic-derived carbon. 

• Bacterial and fungal taxa with the potential to degrade plastics are present in the south-

eastern Mediterranean plastisphere. The fungal community of the area was studied for the 

first time. 

• Biodegradation of weathered plastics under favorable conditions is a faster process than is 

generally thought. The generation of micro- and nanoplastics in the microcosm experiments 

indicated that biofragmentation had occurred in 30 days of incubation. Biofragmentation, 

followed by bio-assimilation, is a prerequisite for biodegradation. The FTIR spectra of the 

samples also indicated chemical alterations of the polymers concurrent with biodegradation, 

confirming that conclusion.  

• Heteroaggregation is a determining factor in the underestimations of microplastics and 

nanoplastics in the marine environment. 

• A cyclical pattern of weathering and biological de-weathering, allowing for repetition of the 

process was implied by all our experiments. The altering characteristics of both the biological 

factors studied and the polymers were similar in all experimental scales. The transferability 

hypothesis is, therefore, confirmed, assuming similar experimental and data analysis 

methodologies are applied. 
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While this thesis contributes significantly to the aim of understanding the problem of plastic 

pollution, as a first step towards its eventual solution, more work needs to be done in future, if 

complete elucidation is to be achieved. The escalation of this work could proceed as follows: 

• Repetition of incubations with additional polymers, including bio-based and biodegradable 

plastics, with longer experimental periods. 

• Determination of the effect of micro- and nanoplastic aggregation and sinking on the 

formation of marine snow and the carbon cycle. 

• Examination of additional stochastic factors affecting the colonization and degradation of 

plastics. 

• Performance of metagenomic analysis to study the community composition in depth and 

confirm or disprove the activation of biodegradation and enzyme production genes in the 

sample-colonizing communities. 

• Bioreactor incubation, where the manipulation of controlled conditions would enhance and 

accelerate the biotic and abiotic degradation and fragmentation. 

• Genetic engineering plastic degrading bacteria towards the production of desired 

compounds. 

The results presented here can be utilized further in two manners: Theoretically, via the 

incorporation of the relationships and factor values provided in plastic pollution models and 

practically, by designing and implementing optimized pilot scale plastic degrading systems towards 

the solution of the plastic pollution problem. 
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APPENDIX I: Supplementary Figures 
 

 
Figure S 1: Experimental procedure flowchart. 
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Figure S 2: Protein concentrations on the surface of virgin and weathered pellets from the mesocosms over time. 

 
Figure S 3: Protein concentrations in the water column of the mesocosms over time. 

 

 

 

 

 

 

 

0

200

400

600

800

1000

1200

1400

1600

1800

0 30 60 90 120 150 180

P
ro

te
in

 C
o

n
ce

n
tr

at
io

n
 (
μ

g/
cm

2 )

Time (Days)

Virgin Weathered

0

100

200

300

400

500

600

0 30 60 90 120 150 180

P
ro

te
in

 C
o

n
ce

n
tr

at
io

n
 (
μ

g/
m

L)

Time (Days)

Virgin Weathered



162 
 

 

Figure S 4: Closer Inspection of virgin pellet spectra over time. 
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Figure S 5: Closer Inspection of weathered pellet spectra over time. 
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Figure S 6: Virgin (a) and weathered (b) pellet weight over time. The green line indicates the weight average, blue dots 
indicate individual weight measurements, and the grey area encloses the 95% confidence interval of the measurements. 
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Figure S 7: Non-metric multidimensional scaling comparison of the: (a) and (c) the planktonic and biofilm bacterial 
communities; (b) and (d) the biofilm communities. 
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Figure S 8: Correlation plots of all parameters examined throughout the experiment: (a) virgin mesocosm; (b) weathered 
mesocosm. Stars indicate significance levels: one star for p-values <0.05, two stars for p-values <0.01, three stars for p-values 
<0.01. 
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Figure S 9: Experimental setup (top left), plastic polymer samples (top right) and pellet samples (bottom). 

   
   

   
 

Figure S 10: LDPE strip after 300 days (top left), HDPE strip after 242 days (top middle), PP strip after 300 days (top right), 
PS strip after 300 days (bottom left), PET strip after 300 days (bottom middle), virgin LDPE pellets after 300 days (bottom 
right). 
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Figure S 12: Gravimetric weigh development over time. 

   
 

Figure S 11: Stereoscopic images of samples after 300 days in the marine environment (2x magnification): LDPE strip (top 
left), HDPE strip (top middle), PP strip scope (top right), PS strip (bottom left), PET strip (bottom middle), virgin LDPE 
pellet (bottom right) 
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Figure S13: Biofilm attachment (expressed in Crystal Violet optical Density per cm2). 
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Figure S14: LDPE film fouling growth over time data curve fitting. The red arrow points to an outlier which was not included 

in the fitting process. 

 

 
Figure S15: PP film fouling growth over time data curve fitting. The red arrow points to an outlier which was not included in 

the fitting process. 
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Figure S16: PS film fouling growth over time data curve fitting. The red arrow points to an outlier which was not included in 
the fitting process. 

 

 
Figure S17: PET film fouling growth over time data curve fitting. The red arrow points to an outlier which was not included 

in the fitting process. 
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Figure S18: Virgin LDPE pellet fouling growth over time data curve fitting.  

 

 
Figure S19: Virgin HDPE pellet fouling growth over time data curve fitting.  
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Figure S20: Virgin PP pellet fouling growth over time data curve fitting.  

 

 
Figure S21: Weathered LDPE pellet fouling growth over time data curve fitting.  
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Figure S22: Weathered HDPE pellet fouling growth over time data curve fitting. 

 

 
Figure S23: Weathered PP pellet fouling growth over time data curve fitting. The red arrow points to an outlier which was 

not included in the fitting process. 
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Figure S24: Fouled LDPE film sinking velocity over time data curve fitting. The red arrows point to outliers which were not 

included in the fitting process. 

 
Figure S25: Fouled PP film sinking velocity over time data curve fitting. 
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Figure S 26: Fouled PS film sinking velocity over time data curve fitting. The red arrow points to an outlier which was not 
included in the fitting process. 

 

 
Figure S 27: Fouled PET film sinking velocity over time data curve fitting. The red arrow points to an outlier which was not 
included in the fitting process. 
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Figure S 28: Cleaned LDPE film sinking velocity over time data curve fitting. The red arrow points to an outlier which was not 
included in the fitting process. 

 

 
Figure S 29: Cleaned HDPE film sinking velocity over time data curve fitting. The red arrows point to outliers which were not 
included in the fitting process. 
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Figure S 30: Cleaned PP film sinking velocity over time data curve fitting. The red arrows point to outliers which were not 
included in the fitting process. 

 

Figure S 31: Cleaned PS film sinking velocity over time data curve fitting. The red arrows point to outliers which were not 
included in the fitting process. 
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Figure S 32: Cleaned PET film sinking velocity over time data curve fitting. The red arrow points to an outlier which was not 
included in the fitting process. 

 

 
Figure S 33: Fouled virgin LDPE pellet sinking velocity over time data curve fitting. The red arrow points to an outlier which 
was not included in the fitting process. 
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Figure S 34: Fouled virgin HDPE pellet sinking velocity over time data curve fitting. The red arrow points to an outlier which 
was not included in the fitting process. 

 

 
Figure S 35: Fouled virgin PP pellet sinking velocity over time data curve fitting. The red arrows point to outliers which were 
not included in the fitting process. 
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Figure S 36: Fouled weathered LDPE pellet sinking velocity over time data curve fitting. The red arrows point to outliers 
which were not included in the fitting process. 

 

 
Figure S 37: Fouled weathered HDPE pellet sinking velocity over time data curve fitting. The red arrow points to an outlier 
which was not included in the fitting process. 
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Figure S 38: Fouled weathered PP pellet sinking velocity over time data curve fitting. The red arrows point to outliers which 
were not included in the fitting process. 

 

 

 
Figure S 39: Cleaned virgin LDPE pellet sinking velocity over time data curve fitting. The red arrow points to an outlier which 
was not included in the fitting process. 
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Figure S 40: Cleaned virgin HDPE pellet sinking velocity over time data curve fitting. The red arrows point to outliers which 
were not included in the fitting process. 

 

 
Figure S 41: Fouled virgin PP pellet sinking velocity over time data curve fitting. The red arrows point to outliers which were 
not included in the fitting process. 
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Figure S 42: Cleaned weathered LDPE pellet sinking velocity over time data curve fitting. The red arrows point to outliers 
which were not included in the fitting process. 

 

Figure S 43: Cleaned weathered HDPE pellet sinking velocity over time data curve fitting. The red arrows point to outliers 
which were not included in the fitting process. 
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Figure S 44: Cleaned weathered PP pellet sinking velocity over time data curve fitting. The red arrow points to an outlier 
which was not included in the fitting process. 
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Figure S 45: PCA of cleaned polymer films 
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Figure S 46: PCA of pellets by polymer type 

 



189 
 

 
Figure S 47: PCA of cleaned LDPE, HDPE and PP films 
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Figure S 48: PCA of fouled polymer films 
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Figure S 49: PCA of fouled LDPE, HDPE and PP strips 
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Figure S 50: PCA of fouled PS and PET strips 
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Figure S 51: PCA of virgin pellets 
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Figure S 52: PCA of weathered pellets. 
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Figure S 53: PCA of LDPE pellets. 
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Figure S 54: PCA of HDPE pellets 
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Figure S 55: PCA of PP pellets 
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Figure S 56: (a) ATR-FTIR spectra of HDPE samples over time. (b)  Index values for HDPE over time. 
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Figure S 57: (a) ATR-FTIR spectra of PP samples over time. (b) Index values for PP over time. 

 
 

 
Figure S 58: ATR-FTIR spectrum of PS samples over time. 

 

 
Figure S 59: ATR-FTIR spectra of PET samples over time. 
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Figure S 60: Relative abundance of bacterial phyla present in bacterial biofilm collected from the surface of each polymer 
type, associated with fouling phase (AI, After removal Initial; AM, After removal Mature; BI, Before removal Initial; BM, 
Before removal Mature). 

 

Figure S 61: Relative abundance of fungal phyla in fungal assemblages collected from the surface of each polymer type, 
associated with fouling phase (AI, After removal Initial; AM, After removal Mature; BI, Before removal Initial; BM, Before 
removal Mature). 
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Figure S 63: Community alpha diversity – classified by biofouling phase: (a) Observed number of ASVs for bacterial community, (b) Observed 
number of ASVs for fungal community,( c) Shannon index for bacterial community, (d), Shannon index for fungal community (e) Shannon index 
for fungal community, (e) Simpson index for bacterial community  (f) Simpson index for fungal community. (a, b and ab signify significance 
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Figure S 64: The observed number of shared and unique ASVs: (a) bacterial on each substrate, (b) fungal on each substrate, 
(c) bacterial during each biofouling phase, (d) fungal during each biofouling stage. 
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Figure S 65: LefSe analysis for bacterial biomarker identification. 
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Figure S 66: LefSe analysis for fungal biomarker identification. 

 
 

 
Figure S 67: Redundancy analysis (RDA) biplot for bacterial samples. 
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Figure S 68: Redundancy analysis (RDA) biplot for fungal samples. 

 
Figure S 69: Predicted enriched metabolic functions of bacterial communities using LefSe. 
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APPENDIX II: Supplementary Tables 
 

Table S 1: Water quality parameters over time. BDL signifies values Below the Detection Limit of the measuring methods. 
TSS: Total suspended solids. V and W denote virgin and weathered polymer, respectively. 

Time 
(Days) 

Temperature 
Conductivity 

(mS/cm) 

 
Dissolved 

Oxygen (%) 

Total 
Nitrogen 
(mg/L) 

NO3 (mg/L) PO4 (mg/L) TSS (mg/L) pH 

V W V W V W V W V W V W V W V W 

0 27.0 27.0 73.5 73.5 97.6 97.6 17.2 17.2 0.276 0.276 BDL BDL 35.0 35.0 8.13 8.13 

30 22.5 22.3 53.3 53.5 98.7 98.6 12.8 15.7 0.192 0.158 BDL BDL 35.9 36.2 8.13 8.22 

60 12.3 12.0 43.8 43.6 89.7 88.1 2.7 3.07 0.182 0.223 BDL BDL 36.1 36.7 7.92 8.09 

90 16.9 17.7 53.2 53.5 93.0 89.3 8.8 9.37 BDL 0.087 BDL BDL 38.3 39.0 8.01 8.14 

120 21.9 21.7 61.0 56.8 97.3 98.1 11.3 8.17 0.226 0.151 0.079 0.050 39.5 40.1 8.21 8.33 

150 17.2 17.8 51.1 52.5 98.1 96.2 2.42 2.6 0.145 0.177 BDL BDL 39.6 40.7 8.37 8.49 

180 16.9 17.2 63.0 59.7 95.1 97.0 6.3 7.8 0.076 0.044 BDL BDL 41.2 41.7 8.19 8.23 

 
 
Table S 2: Water quality parameters throughout the experimental period. 

Time period 
→ 

Parameter ↓ 

18-06-
19 

(day 0) 

24-07-
19 

(day 35) 

23-08-
19 

(day 67) 

28-09-
19 

(day 
102) 

30-11-
19 

(day 
152) 

25-01-
20 

(day 
202) 

29-02-
20 

(day 
242) 

18-04-
20 

(day 
300) 

T (oC) 25.1 28.3 29 27.8 22.7 19.1 16.1 16.6 

pH (%) 8.03 8.1 8.16 8.13 8.1 7.98 7.98 8.4 

DO (mg/L) 8.17 7.71 7.62 7.26 8.05 8.85 9.68 9.74 

ORP (mV) 61.5 71.7 70.1 41.4 61.3 30.7 55 59 

Conductivity 
(mS/cm) 

59.5 60.7 61.3 63 65 44.5 50 60.3 

BOD5 (mg/L) 7 8 5 7 6 8 4 5 

COD (mg/L) 24.7 36.8 23.7 20 92.5 20 8.62 10.2 

TN (mg/L) 36.7 14.8 13.96 13.4 56.5 5 8.97 8.13 

ΡΟ4 (mg/L) 0 0 0 0 0 0 0 0 

NO3 (mg/L) 0.044 0.096 0.056 0.181 0.076 0.022 0.034 0.029 

NH4 (mg/L) 0.009 0 0 0 0 0 0 0 
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Table S 3: Changes of plastic pellet diameter over time. 

 LDPE pellet diameter (mm) HDPE pellet diameter (mm) PP pellet diameter (mm) 

Time 
(days) 

Virgin Weathered  Virgin  Weathered  Virgin  Weathered  

0 4.39 ± 0.07 4.25 ± 0.19 4.60 ± 0.28 4.39 ± 0.24 4.13 ± 0.17 4.11 ± 0.15 

35 4.61 ± 0.25 4.34 ± 0.11 4.42 ± 0.32 4.47 ± 0.19 4.36 ± 0.33 4.80 ± 0.45 

67 4.22 ± 0.08 3.78 ± 0.35 4.30 ± 0.23 4.53 ± 0.33 4.22 ± 0.28 4.16 ± 0.15 

102 4.15 ± 0.13 3.96 ± 0.06 4.30 ± 0.01 4.22 ± 0.27 4.13 ± 0.36 3.98 ± 0.28 

152 4.02 ± 0.14 3.79 ± 0.38 4.16 ± 0.14 4.14 ± 0.09 4.09 ± 0.06 3.70 ± 0.10 

202 3.93 ± 0.24 3.49 ± 0.26 3.90 ± 0.20 3.85 ± 0.11 4.07 ± 0.11 3.19 ± 0.25 

242 3.89 ± 0.17 3.32 ± 0.45 3.84 ± 0.25 3.80 ± 0.20 3.66 ± 0.48 3.14 ± 0.10 

300 3.63 ± 0.33 3.16 ± 0.34 - - 3.49 ± 0.40 3.05 ± 0.12 
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Table S 4: Index calculations from ATR-FTIR spectral absorbance values. 

Index Calculation Formula PE Calculation Formula PP 

KCBI 𝐾𝐶𝐵𝐼 =
𝐼1715

𝐼1465

 𝐾𝐶𝐵𝐼 =
𝐼1715

𝐼974

 

ECBI 𝐸𝐶𝐵𝐼 =
𝐼1745

𝐼1465

 𝐸𝐶𝐵𝐼 =
𝐼1740

𝐼974

 

VBI 𝑉𝐵𝐼 =
𝐼1650

𝐼1465

 𝑉𝐵𝐼 =
𝐼1640

𝐼974

 

IDBI 𝐼𝐷𝐵𝐼 =
𝐼908

𝐼1465

 𝐼𝐷𝐵𝐼 =
𝐼908

𝐼974

 

CI 𝐶𝐼 =
𝐼1740

𝐼1460

 𝐶𝐼 =
𝐼1740

𝐼1460

 

 

Table S 5: Statistical comparison of alpha diversity on the examined polymer types (number of observed taxa, Shannon Index, 
Simpson Index, Fisher Index) using the Kruskal-Wallis one way analysis. 

Measure Group 

Bacterial 
Communities 

Fungal 
Communities 

p-value Significance p-value Significance 

Number of 
Observed 

Taxa 

LDPE vs PS 0.339 - 0.271 - 

LDPE vs PET 0.712 - 0.849 - 

LDPE vs HDPE 0.326 - 0.438 - 

LDPE vs PP 0.085 - 0.970 - 

PS vs PET 0.818 - 0.123 - 

PS vs HDPE 0.975 - 0.526 - 

PS vs PP 0.450 - 0.178 - 

PET vs HDPE 0.580 - 0.459 - 

PET vs PP 0.278 - 0.974 - 

HDPE vs PP 0.580 - 0.291 - 

LDPE vs PS vs PET vs HDPE vs 
PP 0.555 - 0.501 - 

Shannon 
Index 

LDPE vs PS 0.805 - 0.382 - 

LDPE vs PET 0.356 - 0.849 - 

LDPE vs HDPE 0.225 - 0.935 - 

LDPE vs PP 0.325 - 0.970 - 

PS vs PET 0.224 - 0.450 - 

PS vs HDPE 0.268 - 0.439 - 

PS vs PP 0.309 - 0.411 - 

PET vs HDPE 0.065 - 0.944 - 

PET vs PP 0.082 - 0.974 - 

HDPE vs PP 0.805 - 0.725 - 

LDPE vs PS vs PET vs HDPE vs 0.245 - 0.892 - 
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PP 

Simpson 
Index 

LDPE vs PS 0.853 - 0.518 - 

LDPE vs PET 0.124 - 0.849 - 

LDPE vs HDPE 0.453 - 0.462 - 

LDPE vs PP 0.712 - 0.425 - 

PS vs PET 0.053 - 0.490 - 

PS vs HDPE 0.498 - 0.324 - 

PS vs PP 0.718 - 0.082 - 

PET vs HDPE 0.014 * 0.622 - 

PET vs PP 0.045 * 0.309 - 

HDPE vs PP 0.712 - 0.888 - 

LDPE vs PS vs PET vs HDPE vs 
PP 0.134 - 0.551 - 

Fisher 
Index 

LDPE vs PS 0.340 - 0.271 - 

LDPE vs PET 0.712 - 0.849 - 

LDPE vs HDPE 0.326 - 0.438 - 

LDPE vs PP 0.085 - 0.970 - 

PS vs PET 0.818 - 0.123 - 

PS vs HDPE 0.975 - 0.526 - 

PS vs PP 0.450 - 0.178 - 

PET vs HDPE 0.580 - 0.459 - 

PET vs PP 0.279 - 0.974 - 

HDPE vs PP 0.580 - 0.291 - 

LDPE vs PS vs PET vs HDPE vs 
PP 0.555 - 0.501 - 

 
Table S 6: Statistical comparison of alpha diversity among biofouling phase (number of observed taxa, Shannon Index, 
Simpson Index, Fisher Index) using the Kruskal-Wallis one way analysis. 

Measure Group 
Bacterial Communities Fungal Communities 

p-value Significance p-value Significance 

Number of 
Observed 

Taxa 

BI vs BM 1.08 * 10-5 *** 1.93 * 10-3 ** 

BI vs AI 6.57 * 10-3 ** 6.22* 10-1 - 

BI vs AM 7.06 * 10-6 *** 4.62 * 10-5 *** 

BM vs AI 1.13 * 10-2 * 2.85 * 10-3 ** 

BM vs AM 1.01 * 10-1 - 4.24 * 10-2 * 

AI vs AM 3.45 * 10-4 *** 1.75 * 10-5 *** 

BI vs BM vs AI vs 
AM 2.09 * 10-4 *** 1.66 * 10-6 *** 

Shannon 
Index 

BI vs BM 1.65 * 10-5 *** 3.48 * 10-2 * 

BI vs AI 2.73 * 10-4 *** 4.98 * 10-1 - 
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BI vs AM 1.34 * 10-5 *** 2.53 * 10-4 *** 

BM vs AI 4.47 * 10-2 * 1.17 * 10-2 * 

BM vs AM 6.33 * 10-1 - 2.60 * 10-2 * 

AI vs AM 1.84 * 10-2 * 7.74 * 10-5 *** 

BI vs BM vs AI vs 
AM 1.63 * 10-6 *** 3.53 * 10-5 *** 

Simpson 
Index 

BI vs BM 1.44 * 10-4 *** 8.27 * 10-1 - 

BI vs AI 1.61 * 10-3 ** 3.37 * 10-1 - 

BI vs AM 1.44 * 10-4 *** 6.07 * 10-1 - 

BM vs AI 5.41 * 10-1 - 1.90 * 10-1 - 

BM vs AM 2.54 * 10-1 - 2.62 * 10-1 - 

AI vs AM 6.94 * 10-1 - 4.99 * 10-1 - 

BI vs BM vs AI vs 
AM 1.80 * 10-4 *** 1.80 * 10-4 - 

Fisher Index 

BI vs BM 1.08 * 10-5 *** 1.98 * 10-3 ** 

BI vs AI 6.58 * 10-3 ** 6.22 * 10-1 - 

BI vs AM 7.05 * 10-6 *** 4.62 * 10-5 *** 

BM vs AI 1.13 * 10-2 * 2.85 * 10-3 ** 

BM vs AM 1.01 * 10-1 - 4.24 * 10-2 * 

AI vs AM 3.45 * 10-4 *** 1.75 * 10-5 *** 

BI vs BM vs AI vs 
AM 2.09 * 10-7 *** 1.66 * 10-6 *** 

 
 
 
 
 


